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Abstract
Actomyosin contractility generated cooperatively by nonmuscle myosin II (NMII) and actin
filaments (F-actin) plays essential roles in a wide range of biological processes, such as cell
motility, cytokinesis, and tissue morphogenesis. To manipulate the function of contractile force,
small chemical compounds have been widely used. While these compounds have allowed
researchers to better understand the function of NMII, it is still technically challenging to
control their actions at the subcellular resolution because of their rapid diffusion. To overcome
the limitation, recent efforts have been devoted to the development and application of
optogenetic tools to manipulate cell signaling related to actomyosin contractility by light.
Although many of these tools enhance actomyosin contractility, tools that decrease actomyosin
contractility below the basal level have not yet been developed. In this study, I developed an
optogenetic tool, named OptoMYPT, to decrease actomyosin contractility at the subcellular
level.
The NMII is inactivated by the dephosphorylation of its own myosin regulatory light
chains (MLCs). To decrease the intracellular contractile force by optogenetics, I focused on
MYPT1, which is a regulatory subunit of myosin light chain phosphatase. The strategy of
OptoMYPT to decrease contractile force is based on the light-inducible plasma membrane
recruitment of PP1c-binding domain (PP1BD) in MYPT1. This results in the co-recruitment of
endogenous PP1c and dephosphorylation of MLC beneath the plasma membrane. As an
optogenetic switch, I mainly used the improved Light-Induced Dimer (iLID) protein, which
binds to its binding partner, SspB, upon blue light illumination and dissociates from SspB under
the dark condition. I optimized the length of PP1BD for the efficient light-induced membrane
translocation of the PP1BD and exogenous/endogenous PP1c.
To evaluate whether the OptoMYPT dephosphorylates MLC in a blue light-dependent
manner, I first observed phosphorylated MLC with immunofluorescence. The blue light was
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locally illuminated at the lamellipodia in Madin-Darby Canine Kidney (MDCK) cells
expressing OptoMYPT proteins. The quantification of fluorescence intensity in dark and lightilluminated areas revealed a significant reduction in the phosphorylated MLC level. Second, I
confirmed that the global blue light illumination decreased the phosphorylated MLC level by
western blotting analysis. Third, local membrane protrusions were observed in the lightilluminated lamellipodial region, consistent with the morphology of the cells treated with NMII
inhibitors.
Next, I examined whether the decrease in MLC phosphorylation by OptoMYPT affects
actomyosin-based contractile force. To do this, I employed traction force microscopy, a method
of estimating the force generated by cells pulling on a substrate. The traction force was
decreased by local blue light illumination to the lamellipodial region in randomly migrating
MDCK cells. I further applied OptoMYPT to the in vivo system by using Xenopus laevis
embryos. The cell-cell junctions became wavy in shape by blue light illumination, suggesting
decreased actomyosin contractility. For further validation, I combined laser ablation with
optogenetic experiments, because junctional tension can be estimated by the recoil velocity
between two vertices after ablation. The recoil velocity was significantly slower in OptoMYPT
cells than in control cells, directly indicating the reduced tension at the cell-cell junction by
OptoMYPT.
Finally, I applied the OptoMYPT system to elucidate the mechanical regulation of the
actin cortex during cytokinesis. In this process, actin, NMII, and cross-linkers constitute a
contractile ring in the equatorial plane, and generate force to divide a cell into two daughter
cells. On the other hand, the tension developed in cortical actomyosin counteracts the force in
the contractile ring. Due to the highly dynamic nature of cytokinesis, it is still challenging to
understand to what extent the cortical actomyosin contributes to ring constriction. Using
OptoMYPT, I found that the relaxation of cortical tension at both poles accelerated the furrow
7

ingression rate, revealing that the cortical tension substantially antagonizes constriction of the
cleavage furrow. By combining the coarse-grained physical model with the experimental data,
I estimated that the resisting force exerted by the cortices corresponds to 15~31% of the ring
tension.
In summary, I developed the OptoMYPT system, which dephosphorylates MLC and
decreases actomyosin contractility in a blue light-dependent manner. Using OptoMYPT, I
quantitatively estimated the force balance between the actin cortex and the contractile ring
during cytokinesis. The OptoMYPT system will provide new opportunities not only to
understand cellular and tissue mechanics but also to shape the morphology of cells and tissues
with precision and flexibility as desired.
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1. General introduction
1.1. Roles of actomyosin contractility
Every eukaryotic cell expresses three types of cytoskeletal proteins: actin filaments (F-actin),
microtubules, and intermediate filaments (Huber et al. 2015). These filamentous proteins,
which dynamically polymerize and depolymerize, function not only to maintain cell
morphology but also to serve as signaling hubs and as scaffolds for protein transport. Among
cytoskeletal proteins, the actin cytoskeleton is important for the generation of contractility,
which underlies force generation in a wide range of cellular and tissue morphogenesis
(Murrell et al. 2015). Prominent examples include the tail retraction of directionally
migrating fibroblasts and the constriction of a contractile ring during cytokinesis (Green,
Paluch, and Oegema 2012; Ridley et al. 2003). Recently, amoeboid migration, which does
not depend on cell-substrate adhesion, has also been focused on in the study of cell migration
(Liu et al. 2015; Ruprecht et al. 2015). This mode of migration is driven by actomyosin
contractility in the actin cortex (see below) and is 10 times faster than the previously
observed mesenchymal migration. Such various modes of migrations are observed in vivo in
wound healing, cancer invasion, and neutrophil migration (Paluch, Aspalter, and Sixt 2016).
In a multicellular context, contraction of actomyosin at the apical surface allows for epithelial
folding (Martin and Goldstein 2014). This apical constriction is an essential event during
development, such as neural tube closure and gastrulation. It has also been reported that
tumors retrieved from patients with metastatic colorectal cancer undergo collective amoeboid
migration driven by actomyosin contractility as well as single-cell amoeboid migration
(Pagès et al. 2020; Zajac et al. 2018). Thus, it is of critical importance to disentangle the
mode of action of actomyosin in order to understand how cells generate force and shape their
morphology.
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1.2. Mechanisms of contractile force generation by nonmuscle myosin II
The actomyosin contractility in nonmuscle cells is mainly attributed to the force generated by
nonmuscle myosin II (NMII) (M. Vicente-Manzanares et al. 2009). NMII contains two heavy
chains, two essential light chains, and two regulatory light chains (MLCs) (M. VicenteManzanares et al. 2009; Heissler and Manstein 2013) (Fig. 1). These subunits form two
globular heads and a long α-helical coiled-coil rod-like tail, which are involved in actin
binding and motor activity, and bipolar filaments formation, respectively. The MLCs are
phosphorylated by myosin light chain kinase (MLCK) and Rho-kinase (ROCK), thereby
inducing a conformational change in NMII and increasing its motor activity (M. VicenteManzanares et al. 2009) (Fig. 2). The extended conformation of active NMII form bipolar
filaments, leading to the generation of the contractile force together with actin filaments (Fig.
1). On the other hand, dephosphorylation of MLCs is achieved by myosin light chain
phosphatase (MLCP), which is composed of three subunits, a catalytic subunit (PP1c), a
regulatory subunit (MYPT1), and a smaller subunit of 20-kDa (M20) (Ito et al. 2004), leading
to the decrease in contractile force (Fig. 2).
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Figure 1. Conformational changes of NMII to generate contractile force.
Schematic illustration of the molecular mechanism to generate contractile force. NMII is
composed of two heavy chains, two essential light chains, and two regulatory light chains
(upper). Folded conformation of NMII is extended by the phosphorylation of its regulatory
light chains (middle). Extended NMII filaments form bipolar filaments, leading to the
generation of contractile force between actin filaments (lower).
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Figure 2. Signaling pathway for the regulation of MLC phosphorylation.
Schematic illustration of the signaling pathway for the regulation of MLC phosphorylation.
MLC is phosphorylated by ROCK or MLCK, and dephosphorylated by MLCP complex.
MLCP complex is composed of MYPT1, PP1c, and M20. ROCK phosphorylates MYPT1,
leading to the inactivation of MLCP complex.
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1.3. Structure of the actin cortex
The actin cortex is a mesh-like layer of F-actin that is located beneath the plasma membrane
in most animal cells (Fig. 3). The main roles of the actin cortex are to resist extracellular
mechanical stresses, and to allow cells to flexibly change their morphologies, such as
cytokinesis, amoeboid cell migration, and membrane blebbing. In order to achieve such a
dynamic morphological changes, the turnover of the proteins constituting actin cortex is fast
(several tens of seconds) (Murthy and Wadsworth 2005; Kondo et al. 2011), and the
thickness of actin cortex fluctuates dynamically (Laplaud et al. 2021). The thickness of the
actin cortex is ~200 and ~400 nm in M phase cells and trypsinized interphase cells,
respectively (Chugh et al. 2017). For the deformation of the cortex, NMII generates cortical
tension and the ezrin-radixin-moesin (ERM) family proteins connect the actin cortex with the
plasma membrane (Kelkar, Bohec, and Charras 2020). In addition, actin bundling proteins,
such as α-actinin, stabilize the cortex structure.
The key factors to generate proper cortical tension are the mesh size of the cortex and
the distribution of the NMII filaments. Based on scanning electron micrograph observations,
the average mesh size of the cortex is ~50 nm. To achieve this mesh size, the activity of actin
polymerization factors such as formin and depolymerization factors such as cofilin need to be
maintained at appropriate levels (Chugh et al. 2017). If the density of the mesh is too low,
NMII cannot cross-link F-actin and generate contractile force. If the density of the mesh is
too high, the network is excessively rigid. Furthermore, in this situation, it has been reported
that myosin bipolar-filaments, which is ~300 nm, cannot sterically penetrate the cortex from
the cytoplasm (Truong Quang et al. 2021). Thus, cortical tension is tightly regulated by
upstream signaling pathways and the structure of the cortex itself.
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Figure 3. Structure of the actin cortex.
Schematic illustration of the actin cortex in animal cells. Myosin filaments generate
contractile force between F-actins, leading to the generation of cortical tension. Actinmembrane crosslinkers, such as ERM family proteins, connect the cortex with the plasma
membrane. Actin-actin crosslinkers, such as α-actinin, stabilize the cortex structure.
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1.4. Advances of the optogenetics
To analyze the function of contractile force in various cellular processes, small chemical
compounds have been widely used to perturb the actomyosin contractility, such as
blebbistatin (an inhibitor for NMII ATPase activity), Y-27632 (a ROCK inhibitor), and ML-7
(an MLCK inhibitor) (Straight et al. 2003; Uehata et al. 1997; Saitoh et al. 1987). While these
compounds have allowed researchers to better understand the function of NMII, it is still
technically challenging to control their actions at the subcellular resolution because of their
rapid diffusion.
To overcome the limitation, recent efforts have been devoted to the development and
application of optogenetic tools to manipulate cell signaling related to actomyosin
contractility (Krueger et al. 2019). Optogenetics is a technology for manipulating cellular
functions using light-responsive proteins derived from plants and bacteria. As an optogenetic
system, light inducible dimerization (LID) has been widely used, because the LID system
allows us to reversibly control the localization of the protein of interest (POI) (Fig. 4). So far,
optogenetic tools that respond to various wavelengths have been reported, such as iLID-SspB
(Guntas et al. 2015) and CRY2-CIB (Kennedy et al. 2010), which respond to blue light, and
PhyB-PIF (Uda et al. 2017), which responds to red/near-infrared light. In the iLID-SspB
system, the iLID protein is composed of AsLOV2 and SsrA, which is derived from Avena
Sativa and Escherichia coli, respectively. Upon blue light illumination, the structural change
of AsLOV2 enables SsrA to bind with SspB, which is derived from E. coli (Fig. 4, left). In
the CRY2-CIB system, cryptochrome 2 (CRY2) and CRY2-interacting bHLH1 (CIB1) are
derived from Arabidppsis thaliana. Blue light illumination activates CRY2, leading to the
binding with CIB1 (Fig. 4, right).
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Figure 4. Light inducible dimerization (LID) system.
Schematic illustrations of iLID-SspB (left) and CRY2-CIB (right) systems. Blue light
illumination induces structural changes of AsLOV2 and CRY2, leading to binding with SspB
and CIBN, respectively. AsLOV2 and SsrA together are called iLID. The CRY2-CIB system
often uses only the N-terminus region of the CIB1 (CIBN) that can bind to CRY2.
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1.5. Purpose of this study
In this study, I develop a new optogenetic tool to directly inactivate NMII; the system, called
OptoMYPT, is designed to recruit an endogenous catalytic subunit of type Ic phosphatase
(PP1c) to the plasma membrane with light, thereby dephosphorylating and inactivating NMII.
I demonstrate that MLCs are dephosphorylated and the traction force exerted by cells is
reduced at the local area where a blue light is illuminated. In Xenopus embryos, OptoMYPT
decreases the tension along the cell-cell junction, leading to deformation of the cell-cell
junction. Moreover, this system is applied to the mechanics of cytokinesis to understand how
and to what extent actomyosin-based cortical tension antagonizes contractile ring tension and
contributes to the cleavage furrow ingression rate.
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2. Materials and methods
2.1. Plasmids
The cDNAs of human MYPT1, PP1c, and Anillin were derived from HeLa cells (Human
Science Research Resources Bank). The cDNA of human MLCK was the kind gift of Dr.
Michiyuki Matsuda (Kyoto Univ.). The cDNA of iMyo was the kind gift of Dr. Hidehiko
Hashimoto (Univ. Chicago). SspB-mScarlet-I-PP1BDs were obtained by Gibson assembly
cloning, combining the SspB obtained from pLL7.0: tgRFPt-SSPB WT (plasmid #60415:
Addgene) and cDNAs of PP1BDs. Stargazin-mEGFP-iLID was obtained by Gibson assembly
cloning, combining the Stargazin derived from Stargazin-GFP-LOVpep (plasmid #80406:
Addgene) and iLID derived from pLL7.0: Venus-iLID-CAAX (from KRas4B) (plasmid
#60411: Addgene). CRY2 and CIBN-EGFP-KRasCT were obtained from pCX4puro-CRY2CRaf and pCX4neo-CIBN-EGFP-KRasCT (Kazuhiro Aoki et al. 2013) and inserted into the
pCAGGS vector (Niwa, Yamamura, and Miyazaki 1991). The cDNAs of Lifeact and NES
were obtained by oligo DNA annealing and ligation, and inserted into each vector. The
cDNA of hyPBase, an improved PiggyBac transposase (Yusa et al. 2011), was synthesized
(FASMAC), and inserted into the pCAGGS vector. Tol2-based transposon donor vector
(pT2A) and Tol2 transposase expression vector (pCAGGS-T2TP) were the kind gifts of
Koichi Kawakami (National Institute of Genetics). The cDNA of Stargazin-mEGFP-iLID
was inserted into the pT2Apuro vector (pT2Apuro-Stargazin-mEGFP-iLID). The cDNAs of
rtTA (Roney et al. 2016) synthesized by FASMAC, tet-response element, and SspBmScarlet-I-MYPT169 were inserted into a PiggyBac donor vector with ligation and Gibson
assembly to generate pPBbsr2-rtTA2-TRE-SspB-mScarlet-I-MYPT169. For in vitro mRNA
synthesis, these cDNAs were subcloned into the pCSf107mT vector. The nucleotide
sequences of newly generated constructs are provided in Table 1.
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Plasmid name

Relevant features

Figures

Source or
reference

Sequence

pCAGGS-SspB-mScarletI

CAG promoter,
SspB-mScarlet-I

8a,e, 9a, 15a,
25, 26a

This study

https://benchling.com/s/s
eqLizO8aJvYQvytA26tnvk

pCAGGS-SspB-mScarletI-MYPT38

CAG promoter,
SspB-mScarlet-IMYPT38-NES

8a,e, 9a

This study

https://benchling.com/s/s
eqe5c4XNGJU7VUDY1A
dw0D

pCAGGS-SspB-mScarletI-MYPT169

CAG promoter,
SspB-mScarlet-IMYPT169-NES

8a,e, 9a, 12c,
15b,e, 17, 19,
25, 28a, 31a

This study

https://benchling.com/s/s
eqVFtIByTEhOa69PaBJ7F
F

pCAGGS-SspB-mScarletI-MYPT296

CAG promoter,
SspB-mScarlet-IMYPT296-NES

This study

https://benchling.com/s/s
eqNfHUqB2v72pMzw7U
mbrv

pCAGGS-SspB-mScarletI-MYPT38 w/o NES

CAG promoter,
SspB-mScarlet-IMYPT38 (without
NES)

This study

https://benchling.com/s/s
eqM5vohEavn7YouFTOsb
qR

This study

https://benchling.com/s/s
eq4cIRYdnnkc5w1D7EG5
pN

This study

https://benchling.com/s/s
eqik7oQqR9I1hNqtdzAjG
K

CAG promoter,
pCAGGS-SspB-mScarlet- SspB-mScarlet-II-MYPT169 w/o NES
MYPT169 (without
NES)
CAG promoter,
pCAGGS-SspB-mScarlet- SspB-mScarlet-II-MYPT296 w/o NES
MYPT296 (without
NES)

8a,e, 9a

8a

8a

8a

pCAGGS-StargazinmEGFP-iLID

CAG promoter,
Stargazin-mEGFPiLID

8e, 9a, 12c,
15a,b,e, 17,
19, 25, 26a,
28a, 31a

This study

https://benchling.com/s/s
eqXUhPNN7CavWnbGAq
1TUe

pCAGGS-PP1cmiRFP703

CAG promoter,
PP1c-miRFP703

9a

This study

https://benchling.com/s/s
eq8370yYN7igj1pyuf3TeZ

pCAGGS-CRY2-mCherry

CAG promoter,
CRY2-mCherry

This study

https://benchling.com/s/s
eqbhM5JFtyaGL3itlXyRY
w

pCAGGS-CRY2mCherry-MYPT38

CAG promoter,
CRY2-mCherryMYPT38-NES

This study

https://benchling.com/s/s
eqtLDYRgH228MpcEprZ8
H3

pCAGGS-CRY2mCherry-MYPT169

CAG promoter,
CRY2-mCherryMYPT169-NES

10b, 13b, 18

This study

https://benchling.com/s/s
eqjlDVZxO6I2j5bRqXLN
Ae

pCAGGS-CRY2mCherry-MYPT296

CAG promoter,
CRY2-mCherryMYPT296-NES

10b

This study

https://benchling.com/s/s
eqKgPOub2LM388hRapg

10b, 13b

10b
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VNp
pCAGGS-CIBN-EGFPKRasCT

CAG promoter, CIB
N-terminus-EGFPKRasCT

10b, 13b, 18

pPBbsr2-LifeactmiRFP703

PiggyBac transposase
donor vector, LifeactmiRFP703

8a, 15a,b,e,
17, 18, 23b

PiggyBac transposase
pPBpuro-SspB-mCherry donor vector, SspBmCherry
pPBpuro-SspB-mCherryMYPT38

PiggyBac transposase
donor vector, SspBmCherry-MYPT38NES

PiggyBac transposase
pPBpuro-SspB-mCherry- donor vector, SspBMYPT169
mCherry-MYPT169NES
PiggyBac transposase
pPBpuro-SspB-mCherry- donor vector, SspBMYPT296
mCherry-MYPT296NES
pPBbsr2-StargazinmEGFP-iLID

PiggyBac transposase
donor vector,
Stagazin-mEGFPiLID

pPBbsr2-rtTA2-TRESspB-mScarlet-IMYPT169

PiggyBac transposase
donor vector,
Doxycycline
inducible expression,
SspB-mScarlet-IMYPT169

pT2Apuro-StargazinmEGFP-iLID

pCAGGS-T2TP

pCAGGS-hyPBase

pCSf107mT-LifeactmiRFP703

Stargazin-mEGFPiLID
CAG promoter, Tol2
transposase

11, 12a

11, 12a

11, 12a,c

11, 12a

11, 12a,c

14a, 16

14a, 16

14a, 16

8a, 11, 12a,
CAG promoter,
14a, 15a,b,e,
PiggyBac transposase 16, 17, 18,
23b
mRNA synthesis
vector for Xenopus,
Lifeact-miRFP703

20a, 21b

This study

https://benchling.com/s/s
eqRA16GvytRbNXBNzK
X1hg

This study

https://benchling.com/s/s
eq6Umf325oqmk6HOmby
kIX

This study

https://benchling.com/s/s
eq5d7Oj31YcZlxJqSsnNA
a

This study

https://benchling.com/s/s
eqfZysCS2LhI69PbhGD4t
g

This study

https://benchling.com/s/s
eqRrmRNQx2r9ULkAGO
3yxd

This study

https://benchling.com/s/s
eqWFNiQng3AysDppDUz
4fk

This study

https://benchling.com/s/s
eqiKCLTeMJ2f84JqYhfn1
n

This study

https://benchling.com/s/s
eqxf8zdl8VLNsyQHRmC
XqC

This study

https://benchling.com/s/s
eqrBh93iqQQT5hBXFNII
VG

This study

https://benchling.com/s/s
eqyGo10mX966NnMTfpm
t3F

This study

https://benchling.com/s/s
eqoGkw53b41IZqvzF5yQ9
K

This study

https://benchling.com/s/s
eqvtY7pCfmSVMpUQZX
F5Us
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pCSf107mT-SspBmScarlet-I

mRNA synthesis
vector for Xenopus,
SspB-mScarlet-I

pCSf107mT-SspBmScarlet-I-MYPT169

mRNA synthesis
vector for Xenopus,
SspB-mScarlet-IMYPT169

pCSf107mT-StargazinmEGFP-iLID

mRNA synthesis
vector for Xenopus,
Stargazin-mEGFPiLID

pCSf107mT-mEGFPKRasCT

mRNA synthesis
vector for Xenopus,
mEGFP-KRasCT

pCAGGS-CIBN-EGFPMYPT170-296

pCAGGS-CIBN-EGFPMYPT170-374

pCAGGS-CIBN-EGFPAnillin

CAG promoter,
CIBN-EGFPMYPT170-296

CAG promoter,
CIBN-EGFPMYPT170-374

CAG promoter,
CIBN-EGFP-Anillin

pPBbsr2-telokin-mEGFPCAG promoter,
iLID
telokin-mEGFP-iLID

pCAGGS-iMyo-mEGFPiLID

CAG promoter,
iMyo-mEGFP-iLID

PiggyBac transposase
pPBbsr2-Lifeact-mEGFPdonor vector, LifeactiLID
mEGFP-iLID

20a, 22a

20a, 21b, 22a

20a, 21b, 22a

22a

23b

23b

23b

23b

23b

23b

This study

https://benchling.com/s/s
eqNMiukyuyg4J64MgeMS
rG

This study

https://benchling.com/s/s
eqj1NmidSuKAuAX6LzG
Ty6

This study

https://benchling.com/s/s
eqtown7d8HHoJTrkapTN
KX

This study

https://benchling.com/s/s
eq0kClMWXvr2A6LllNkx
tP

This study

https://benchling.com/s/s
eq0bg76IL3utQZ4EaCvPH
I?m=slmSKKgTRWdpgJMe18M
o2sg

This study

https://benchling.com/s/s
eqNNU40DgyA7tNp0FRA
1wt?m=slmJoyrRdyP1I3LbbJ3kAc
K

This study

https://benchling.com/s/s
eqO5fKcMKjCLXmG79lF
nG2?m=slmKzwGyTM4Yt19j0fspb
N4

This study

https://benchling.com/s/s
eq1o7XgMoxVjICE3ne6q
9K?m=slmrVYVQsRyPi7TtVzZiR
Zl

This study

https://benchling.com/s/s
eq6BcJpyTG1tVlIJIlsZpW
?m=slmm9skqXLuRKf52w7gN
MDv

This study

https://benchling.com/s/s
eq2z0IVCc36lbZhE09vrf4
?m=slmBNrHo1rr07SUVia7Jm5
u

Table 1. Plasmids used in this study.
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2.2. Cell culture
MDCK cells (no. RCB0995: RIKEN Bioresource Center) were maintained in minimal
essential medium (MEM; 10370-021: ThermoFisher Scientific) supplemented with 10% fetal
bovine serum (FBS; 172012-500ML: Sigma), 1x Glutamax (35050-061: ThermoFisher), and
1 mM sodium pyruvate (11360070: ThermoFisher) in a 5% CO2 humidified incubator at
37 °C. NIH-3T3 cells (no. RCB0150: RIKEN Bioresource Center), a kind gift from Jun-ichi
Nakayama (National Institute for Basic Biology), were maintained in DMEM (Nacalai
Tesque) supplemented with 10% FBS in a 5% CO2 humidified incubator at 37 °C. When
splitting the MDCK cells, the growth media was removed, and 3 mL PBS/1 mM EDTA
solution was added to the cells and incubated for 5 min at 37 °C. Next, the PBS/1 mM EDTA
solution was discarded, and 2 mL PBS/1 mM EDTA/0.25% Trypsin was added. The cells
were incubated for 5 min at 37 °C. Prewarmed growth medium was added to resuspend the
cells. When splitting the NIH-3T3 cells, the first treatment with 3 mL PBS/1 mM EDTA
solution was omitted.

2.3. Transfection
Because PP1BDs of MYPT1 fused with fluorescent proteins tend to aggregate for long-term
expression, most experiments were performed by transient expression. The MDCK cells and
NIH-3T3 cells were electroporated by using Nucleofector IIb (Lonza) according to the
manufacturers’ instructions (T-023 program) with a house-made DNA- and cell-suspension
solution (4 mM KCl, 10 mM MgCl2, 107 mM Na2HPO4, 13 mM NaH2PO4, 11 mM HEPES
pH. 7.75). For transient expression, the plasmids were mixed according to the following
ratios to achieve efficient membrane translocation by light: SspB:iLID = 1:4; and CRY2:CIB
= 1:3. After electroporation, the cells were plated on 35-mm culture dishes or collagen-coated
35-mm glass-bottom dishes.
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2.4. Establishment of stable cell lines
For transposon-mediated gene transfer, MDCK cells were transfected with PiggyBac or Tol2
donor vectors and PiggyBac or Tol2 transposase-expressing vectors at a ratio of 3:1. One day
after transfections, cells were treated with 10 μg/mL blasticidin S (InvivoGen, San Diego,
CA) or 1.0 μg/mL puromycin (InvivoGen) for selection. The bright bulk cell population was
collected using a cell sorter (MA900; SONY).

2.5. Live-cell fluorescence imaging
Cells were imaged with an IX83 inverted microscope (Olympus, Tokyo) equipped with an
sCMOS camera (Prime: Photometrics, Tucson, AZ; or ORCA-Fusion BT: Hamamatsu
Photonics, Hamamatsu, Japan), a spinning disk confocal unit (CSU-W1; Yokogawa Electric
Corporation, Tokyo), and diode lasers at wavelengths of 488 nm, 561 nm, and 640 nm. An oil
immersion objective lens (UPLXAPO60XO, N.A. 1.42; UPLXAPO 40X, N.A. 1.4;
Olympus), an air/dry objective lens (UPLXAPO40X, N.A. 0.95; UPLXAPO 20X, N.A. 0.8;
Olympus) were used. The excitation laser and fluorescence filter settings were as follows:
Excitation laser, 488 nm (mEGFP), 561 nm (mScarlet-I), and 640 nm (miRFP703); dichroic
mirror, DM 405/488/561 dichroic mirror (mEGFP, mScarlet-I, and miRFP703); emission
filters, 500–550 nm (mEGFP), 580–654 nm (mScarlet-I), and 665–705 nm (miRFP703).
During observation, cells were incubated with a stage incubator set to 37 °C and containing
5% CO2 (STXG-IX3WX; Tokai Hit).
Due to the different kinetics depending on the optogenetic systems, the cells
expressing iLID-SspB or CRY2-CIB system were illuminated with blue light for 500 msec
less than every 20 sec for iLID-SspB system and less than every 2 min intervals for CRY2CIB. For global illumination of the blue light, blue LED light (450 nm) (LED-41VIS450;
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OptoCode Corp., Japan) was continuously illuminated from the top of the stage or pulsed
blue light (488 nm) was illuminated through the objective lens. For local light illumination in
the interphase cells, a digital micromirror device (Polygon 400; Mightex) mounted on the
IX83 microscopic system, and pT-100 (CoolLED) were used. For local light illumination
during cytokinesis, an SP8 FALCON inverted confocal laser scanning microscope (Leica)
equipped with a water immersion objective lens (HC PL APO 63x/1.20 W motCORR; Leica)
was used. Local light illumination was started using the FRAP function just after
chromosome segregation onset. I illuminated every 3.11 sec, and acquired images every
15.54 sec. The positions of regions of interest (ROIs) were manually corrected every 2 min in
all samples.
For all time-lapse imaging, MDCK cells were plated on 35 mm glass-bottom dishes
(IWAKI) or 4-well glass-bottom dishes (The Greiner Bio-One). Before time-lapse imaging,
the medium was replaced with FluoroBrite (Invitrogen) supplemented with 10% FBS, 1x
Glutamax.

2.6. Immunofluorescence
Cells were fixed with 3.7% formaldehyde in PBS for 20 min, followed by permeabilization
by 5 min incubation in 0.05% Triton X-100-containing PBS. Samples were soaked for 30 min
in Can Get Signal immunostain (solution A) (Toyobo, Japan) and then incubated with
primary antibodies, phospho-MLC antibody (1:50 dilution; Cell Signaling Technology
#3674), or PPP1CB antibody (1:200 dilution; abcam #ab53315) diluted in Can Get Signal
immunostain (solution A) for 1 h at room temperature. Next, the cells were washed 3 times
with PBS, and then incubated for 1 h at room temperature with Alexa 633-conjugated antirabbit IgG (1:1000 dilution; ThermoFisher) in Can Get Signal immunostain (solution A).
Finally, the cells were washed 3 times with PBS and subjected to fluorescence imaging.
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In Figure 13, the cells expressing control proteins or OptoMYPT were seeded on the
4-well glass-bottom dish 2 h before light illumination. Lamellipodial regions of the cells were
locally illuminated with blue light for 30 min under the microscope, and then fixed with 3.7%
formaldehyde in PBS on the stage of the microscope. Subsequent immunostaining steps were
also performed on the stage of the microscope. For one experiment, the locations of 10 sites
per well where the cells expressed control and OptoMYPT proteins were recorded, and
fluorescence images were acquired at the same positions after staining.

2.7. Traction force microscopy
Polyacrylamide gel substrates were prepared according to previously published protocols
(Tambe et al., 2011; Trepat et al., 2009). In brief, the gel solution was prepared with 4%
acrylamide, 0.1% bisacrylamide, 0.8% ammonium persulfate, 0.08% TEMED (Nacalai
Tesque), and 5% deep red fluorescent carboxylate-modified beads (0.2 μm diameter; F8810;
Thermo Fisher Scientific). 13 μL of the mixture was added to a 35 mm glass-bottom dish
(IWAKI) and then covered with a glass coverslip of 15 mm diameter (Matsunami). After gel
polymerization at room temperature, the surface was coated with 0.3 mg/mL type I collagen
(Nitta Gelatin, Osaka, Japan) using 4 mM sulphosuccinimidyl-6-(4-azido-2nitrophenylamino) hexanoate (Sulfo-SANPAH; Pierce). Cells were seeded on the gel, and
imaged with a spinning disk confocal microscope. To quantify the traction force, two Fiji
plugins, i.e., the iterative PIV and FTTC plugins, were used. Note that Young’s modulus of
the gel was estimated as ~2 kPa according to a previous report (Tse and Engler 2010). The
traction force in locally illuminated areas was used for the quantification.
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2.8. Western blotting
Cells were lysed in 1x SDS sample buffer. After sonication for 5 min, the samples were
boiled at 95 °C for 5 min. Then, the samples were separated by 5–20% gradient SDSpolyacrylamide gel electrophoresis (Nacalai Tesque) and transferred to polyvinylidene
difluoride membranes (Millipore). After blocking with Odyssey Blocking Buffer-TBS
(LICOR Biosciences) for 1 h, the membranes were incubated with primary antibodies
overnight at 4 °C, followed by the secondary antibodies for 1 h at room temperature. For
primary antibodies, phospho-MLC antibody (1:500 dilution; Cell Signaling Technology
#3674), phospho-Ezrin/Radixin/Moesin antibody (1:500 dilution; Cell Signaling Technology
#3276), MYPT1 antibody (1:500 dilution; Cell Signaling Technology #2634) and α-Tubulin
antibody (DM1A) (1:5000 dilution; sc-32293: Santa Cruz Biotechnology) were diluted in
Odyssey Blocking Buffer-TBS. For secondary antibodies, IRDye680LT-conjugated goat
polyclonal anti-rabbit IgG (H + L) (1:5000 dilution; LI-COR Bioscience) and IRDye800CWconjugated donkey polyclonal anti-mouse IgG (H + L) (1:5000 dilution; LI-COR Bioscience)
were diluted in Odyssey Blocking Buffer-TBS. Proteins were detected with an Odyssey
infrared scanner (LI-COR Bioscience).

2.9. Xenopus embryo manipulation and microinjection
All experiments using Xenopus laevis were approved by The Institutional Animal Care and
Use Committee, National Institutes of Natural Sciences. Manipulation of X. laevis embryos
and microinjection experiments were carried out according to standard methods as follows.
Unfertilized eggs were obtained from female frogs injected with gonadotropin (ASKA
Animal Health, Japan) and artificially fertilized with testis homogenate. Fertilized eggs were
dejellied with 4% L-cysteine solution (pH adjusted to 7.8 with NaOH) and incubated in 1/10x
Steinberg’s solution at 14 °C or 17 °C. pCSf107mT, which contains 4 x SP6/T7 transcription
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terminator sequences, was used to prepare plasmid constructs for mRNA synthesis (Mii and
Taira 2009). Synthetic mRNAs were transcribed from plasmid DNAs using an mMessage
mMachine SP6 kit (Invitrogen). Each four-cell stage embryo was microinjected with 50 pg of
SspB-mScarlet-I or SspB-mScarlet-I-MYPT169 mRNA; 450 pg of Stargazin-mEGFP-iLID
or mEGFP-KRasCT mRNA; and 150 pg of Lifeact-miRFP703 mRNA. Gastrula embryos (st.
12) were observed directly using the IX83 inverted microscope (see “Live-cell fluorescence
imaging”). An oil immersion objective lens (UPLXAPO 40X, N.A. 1.4; Olympus) was used
for three-dimensional imaging. The vitelline membrane was manually removed before
imaging to clearly visualize the cell-cell junctions. For optogenetic experiments, blue light
was illuminated from the objective lens for 500 msec every 20 sec.

2.10. Laser ablation
Laser ablation was conducted as described previously (Hara et al. 2013), using an IX81
inverted microscope (Olympus) equipped with a spinning disk confocal unit (CSU-X1;
Yokogawa Electric Corporation) and iXon3 897 EM-CCD camera (Andor), and controlled
with IQ2 software (Andor). A dry objective lens (UPlanAPO 20X, N.A. 0.7; Olympus) was
used. An N2 Micropoint laser (16 Hz, 365 nm, 0.3 μW; Photonic Instruments) was focused
on the plasma membrane at a cell-cell junction labeled with Stargazin-mEGFP-iLID or
mEGFP-KRasCT. Time lapse images were acquired every 3.08 sec before and after the
course of the laser ablation. Before ablation, the embryos in the incubator were illuminated
from overhead by blue light for 20 min. The vitelline membrane was manually removed
before imaging to clearly visualize the cell-cell junctions.
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2.11. Imaging analysis
All fluorescence imaging data were analyzed and quantified by Fiji (Image J). For all images,
the background was subtracted and images were registered by StackReg, a Fiji plugin to
correct misregistration, if needed. To quantify the cytoplasmic fluorescence intensity changes
in Figure 9, the ROI was selected in each image and normalized by the mean fluorescence
intensity of the first 10 images under dark conditions. In Figure 13, to quantify the
fluorescence intensity ratio of the light area to dark area, I used the cytoplasmic or
lamellipodial region, avoiding extremely bright regions such as stress fibers. To quantify the
area of membrane protrusion in Figure 15, the ROI was chosen so as to coincide with the
local light-irradiated area. In OptoMYPT-dark cells, the ROI was a region of lamellipodia
similar to that of light-illuminated cells. Fluorescence images of Lifeact-miRFP703 were
binarized and the difference between the area at each time point and at t = 0 was calculated.

2.12. Statistics and reproducibility
In all box-and-whisker plots, the box shows the quartiles of data with the whiskers denoting
the minimum and maximum except for the outliers detected by 1.5 times the interquartile
range. All statistical analyses were conducted in Microsoft Excel software (ver. 16.54) for
two-tailed student’s t-test (Figs. 14b, 20f, 22d, e, 26b, 27b) or python (ver. 3.7) with scipy
(ver. 1.4.1) (scipy.stats.brunnermunzel) for two-tailed Brunner-Munzel test (Fig. 13). The
experiments were repeated at least two times independently with similar results. The number
of samples for quantifications is listed in the figure legends.
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3. Chapter I: Development of a new optogenetic tool to reduce the
intracellular contractile force
3.1. Introduction
Optogenetic tools to control intracellular contractile force
In order to control actomyosin contractility using optogenetics, the most popular
approach is to control the activity of RhoA, a member of Rho family small GTPases. Lightinduced recruitment of RhoGEF to the plasma membrane triggers RhoA activation, which in
turn activates ROCK and inactivates MLCP (Wagner and Glotzer 2016; Kimura et al. 1996;
Valon et al. 2017) (Fig. 2). These reactions eventually induce myosin light chain
phosphorylation, followed by an increase in the actomyosin contractility. It has been reported
that local accumulation of RhoGEF by light increases contractile force at the subcellular scale
(Wagner and Glotzer 2016; Oakes et al. 2017; Valon et al. 2017). These technologies allow
activation of NMII at the equator and the induction of partial constriction in rounded cells in
metaphase (Wagner and Glotzer 2016). Valon et al. further demonstrated that trapping of
overexpressed RhoGEF to the outer membrane of mitochondria resulted in a decrease in
actomyosin contractility (Valon et al. 2017). In addition, depletion of PI(4,5)P2 at the plasma
membrane by optogenetic membrane translocation of 5-phosphatase OCRL has been shown
to modulate cell contractility and inhibit apical constriction during Drosophila embryogenesis
(Guglielmi et al. 2015). Although many of these tools enhance actomyosin contractility
through RhoA or phospholipids, tools that reduce actomyosin contractility below the basal
level have not yet been developed.
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3.2. Results
3.2.1. Design of the OptoMYPT system.
To manipulate the intracellular contractile force, I focused on MLCP, which is composed of
three subunits, a catalytic subunit (PP1c), a regulatory subunit (MYPT1), and a smaller
subunit of 20-kDa (M20) (Ito et al. 2004). MYPT1 contains a PP1c-binding domain (PP1BD)
and myosin heavy chain (MHC)-binding domain (Fig. 5). MYPT1 holds PP1c through the
PP1BD, and recruits it to NMII to dephosphorylate MLC, leading to the inactivation of NMII
(Fig. 6). Phosphorylated MLC is mainly localized near the plasma membrane such as at
cortical actin and stress fibers, where the NMII exerts mechanical force (Du and Frohman
2009).
The strategy to reduce actomyosin-based contractile force is based on inducing
membrane translocation of the PP1BD in MYPT1 with light, resulting in the co-recruitment
of endogenous PP1c at the plasma membrane and dephosphorylation of MLC. I refer to this
system as the OptoMYPT system. It has been reported that the 1 to 38 amino acids (a.a.) in
the PP1BD are particularly important for binding to PP1c, and that the 170 to 296 a.a. in the
PP1BD serve as a phosphorylated MLC-binding domain (Hirano, Phan, and Hartshorne
1997) (Fig. 5). Moreover, the seven ankyrin repeats existing in the 39 to 296 a.a. in the
PP1BD are responsible for increasing the binding ability of PP1c (Tanaka et al. 1998) (Fig.
5). Therefore, in this study, I examined three different lengths of PP1BDs: 1-38, 1-169, and
1-296. As an optogenetic switch, I mainly employed the iLID-SspB system; iLID protein
binds to its binding partner, SspB, upon blue light illumination and dissociates from SspB
under the dark condition (Guntas et al. 2015). The iLID-based OptoMYPT system consists of
a light-switchable plasma membrane localizer, Stargazin-mEGFP-iLID, and an actuator,
SspB-mScarlet-I-PP1BD, which is translocated to the plasma membrane for the corecruitment of the endogenous PP1c with blue light (Fig. 7). The Stargazin-mEGFP-iLID is
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suited for the subcellular protein recruitment, because the large N-terminal transmembrane
anchor limits the diffusion of SspB proteins (Natwick and Collins 2021). Alternatively, I
developed a CRY2-based OptoMYPT system, in which CRY2-mCherry-PP1BD was
recruited to the plasma membrane with blue light through binding to the plasma membrane
localizer CIBN-EGFP-KRasCT (Kennedy et al. 2010).

31

Figure 5. Domain structure of human MYPT1.
MYPT1 contains the PP1c binding domain in its N-terminus region (orange box). The 1 to 38
a.a. in PP1BD are particularly important for the PP1c binding. The 170 to 296 a.a. in the
PP1BD serve as a phosphorylated MLC-binding domain. The seven ankyrin repeats existing
in the 39 to 296 a.a. in the PP1BD are responsible for increasing the binding ability of PP1c.
MYPT1 contains MHC binding domain to recruit PP1c to the phosphorylated sites (green
box).
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Figure 6. Dephosphorylation of MLC by MLCP complex.
Schematic illustration of the MLCP complex binding to NMII. MLCP complex is composed
of MYPT1, PP1c, and M20. MYPT1 recruits PP1c to the phosphorylated MLC sites through
its MHC binding domain and PP1c binding domain.
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Figure 7. Design of the OptoMYPT system.
Schematic illustration of the OptoMYPT system. Stargazin-mEGFP-iLID is anchored to the
plasma membrane. Upon blue light illumination, the SspB-mScarlet-I-fused PP1c-binding
domain (PP1BD) of MYPT1 translocates to the plasma membrane along with endogenous
PP1c, and inactivates NMII at the cell cortex.
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3.2.2. Light inducible membrane translocation of PP1BD and PP1c.
I first compared the efficiency of light-induced membrane translocation between three
different lengths of PP1BDs: 1-38, 1-169, and 1-296 (hereafter referred to as MYPT38,
MYPT169, and MYPT296, respectively). In line with the previous study (Wu et al. 2005),
SspB-mScarlet-I-PP1BDs accumulated at the nucleus (Fig. 8a, b). To circumvent this
problem, the nuclear export signal (NES) was fused with the C terminus of the PP1BDs to
export them to the cytoplasm (Fig. 8a, b). We confirmed that Madin-Darby Canine Kidney
(MDCK) cells exhibited the translocation of SspB-mScarlet-I from the cytoplasm to the
plasma membrane upon blue light illumination as a control (Fig. 9a, b). SspB-mScarlet-IMYPT169 showed the best membrane translocation in three differential lengths of PP1BDs
(Fig. 9a, b). I recognized that a small fraction of SspB-mScarlet-I-MYPT38 still resided in
the nucleus (Fig. 9a, yellow arrowhead), and CRY2-mCherry-MYPT38 formed aggregates
and puncta in a blue light-dependent manner for an unknown reason (Fig. 10).
Next, I investigated whether PP1BDs of MYPT1 indeed bind to PP1c and recruit it to
the plasma membrane. In control cells, PP1c fused with miRFP703 (PP1c-miRFP703), which
was mainly localized at the nucleus, did not show any change in the subcellular localization
upon blue light illumination (Fig. 9a, c). As expected, SspB-mScarlet-I-MYPT38, MYPT169, and -MYPT296 demonstrated similar levels of translocation of PP1c-miRFP703
from the cytoplasm to the plasma membrane upon blue light illumination (Fig. 9a, c). I also
confirmed the plasma membrane translocation of the endogenous PP1c by
immunofluorescence analysis (Fig. 11). During these experiments, I noticed that the cells
expressing MYPT296 showed elongated membrane protrusions even under the dark
condition (Fig. 8a), which was similar to the morphology of cells treated with ROCK
inhibitor or myosin inhibitor (Worthylake and Burridge 2003; Totsukawa et al. 2004), while
the cell size was not substantially different between cells expressing PP1BDs of MYPT (Fig.
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8c). I evaluated the effect of the expression of PP1BDs on basal phosphorylation of MLC by
western blotting analysis. The expression levels of SspB-mScarlet-I-MYPT169 were
estimated relative to that of the endogenous MYPT, showing an approximately 12-fold
increase in stable expression and 50-fold increase in transient expression under our
experimental conditions (Fig. 12). As expected from the cell morphology, MLCs were
dephosphorylated in MDCK cells stably expressing MYPT296 (Fig. 8d). This result is
consistent with the previous report pointing out the existence of the phosphorylated MLCbinding domain at the 170–296 a.a. (Hirano, Phan, and Hartshorne 1997), which may
facilitate recruitment of PP1BD to NMII and dephosphorylation of MLC without blue light
stimulation. The ERM family of plasma membrane-actin cytoskeleton cross-linking proteins,
which are known to be the substrates of PP1c, maintained their phosphorylation levels
detected with pan-phospho-ERM antibody (Fig. 8d), suggesting that the expression of
PP1BD of MYPT has no impact on phosphorylation of the ERM proteins under these
conditions. Taken together, these results led me to conclude that MYPT169 is well suited for
the OptoMYPT system.
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Figure 8. Optimization of the length of PP1BD for OptoMYPT.
(a) Representative images of MDCK cells transiently expressing SspB-mScarlet-I or SspBmScarlet-I-PP1BDs without or with NES (upper panels), transiently expressing StargazinmEGFP-iLID, and stably expressing Lifeact-miRFP703 (lower panels). SspB-mScarlet-IMYPT169-NES was used for the OptoMYPT (panels outlined in blue). Of note, SspBmScarlet-I-MYPT296-expressing cells showed aberrant morphology with elongated
protrusions. Scale bar, 20 μm. (b) The ratio of cytoplasmic to nuclear fluorescence intensity
of SspB-mScarlet-I-MYPTs was quantified in each cell, and shown as a box plot, in which
the box extends from the first to the third quartile with the whiskers denoting 1.5 times the
interquartile range. A blue dot indicates data from individual cells. n = 14–15 cells. (c) The
cell size of MDCK cells transiently expressing SspB-mScarlet-I or SspB-mScarlet-I-PP1BDs
with NES was quantified, and shown as a box plot as in panel b. n = 41, 48, 48, and 47 for
cells expressing plasmids of Control, MYPT38, MYPT169, MYPT296, respectively. (d)
Western blot analysis of phospho-MLC, phospho-ERM, and α-Tubulin in MDCK cells stably
expressing SspB-mScarlet-I (Control) or SspB-mScarlet-I-PP1BDs with NES, and StargazinmEGFP-iLID. Control cells were treated with 40 μM Y-27632 as a negative control (Y27632).
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Figure 9. Membrane translocation of the PP1BD in MYPT1 and PP1c with blue-light.
(a) Representative images of the SspB-mScarlet-I or the indicated SspB-mScarlet-I-PP1BDs
of MYPT1 (upper two rows) and simultaneously expressing PP1c-miRFP703 (lower two
rows) in MDCK cells under the dark condition (the first and third rows) and blue light
condition (the second and fourth rows). Stargazin-mEGFP-iLID was also expressed as a
localizer in all experiments. The yellow arrowhead indicates a cell showing nuclear
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accumulation of SspB-mScarlet-I-MYPT38. Blue light was continuously illuminated from
the top of the stage. Scale bar, 20 μm. (b) Quantification of the cytoplasmic fluorescence
change in mScarlet-I in panel d. The average values (bold lines) are plotted as a function of
time with the SD. n = 15 cells. (c) Quantification of the cytoplasmic fluorescence change in
PP1c-miRFP703 in the indicated MDCK cells. The average values (bold lines) are plotted as
a function of time with the SD. n = 15 cells.
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Figure 10. CRY2-based OptoMYPT system.
(a) Schematics of the CRY2-based OptoMYPT system. (b) Representative images of MDCK
cells transiently expressing CRY2-mCherry or CRY2-mCherry-PP1BDs with NES, and
CIBN-EGFP-KRasCT. The cells expressing CRY2-mCherry-MYPT38 showed aggregates
and puncta upon blue light illumination (yellow boxed region). Blue light was illuminated
through the objective lens for 500 msec every 1 min. Scale bar, 20 μm.
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Figure 11. Immunofluorescence analysis of endogenous PP1c.
(a, b) Immunofluorescence of the endogenous PP1c in MDCK cells stably expressing SspBmScarlet-I-PP1BDs with NES, and Stargazin-mEGFP-iLID in dark conditions (a) and lightilluminated conditions (b). Blue light was illuminated from the top of the culture dishes for 3
min before fixation. Scale bar, 20 μm.
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Figure 12. Quantification of the expression level of OptoMYPT relative to endogenous
MYPT1.
(a) Western blot analysis of MYPT1 and α-Tubulin in MDCK cells stably expressing SspBmScarlet-I (Control) or SspB-mScarlet-I-PP1BDs with NES, and Stargazin-mEGFP-iLID.
Control cells were treated with 40 μM Y-27632 as a negative control (Y-27632). Note that
the MYPT1 antibody recognizes the N-terminus of the MYPT1. (b) Quantification of the
relative expression level of SspB-mScarlet-I-MYPT169 to endogenous MYPT1. A total of n
= 3 experiments were performed. (c) The representative images of SspB-mScarlet-IMYPT169 in stably and transiently expressing MDCK cells. (d) The expression levels of
SspB-mScarlet-I-MYPT169 in stably and transiently expressing MDCK cells are represented
as a box plot, in which the box extends from the first to the third quartile with the whiskers
denoting 1.5 times the interquartile range. Each gray and blue dot indicates data from
individual cells. n = 30 cells for each condition.
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3.2.3 Light-induced dephosphorylation of MLC by OptoMYPT.
To evaluate whether the OptoMYPT dephosphorylates MLC in a blue light-dependent
manner, I directly measured phosphorylated MLC with immunofluorescence. Given the
design of OptoMYPT, we expected that the OptoMYPT dephosphorylates MLCs that are
located beneath the plasma membrane upon light stimulation. Therefore, I focused on
lamellipodia, in which a sheet-like thin structure with an actin meshwork propels the cell
membrane in a myosin IIA-dependent manner (Even-Ram et al. 2007; Miguel VicenteManzanares et al. 2008; Kuragano, Murakami, and Takahashi 2018). The blue light was
locally illuminated at the lamellipodia in MDCK cells for 30 min, followed by fixation and
immunofluorescence staining with the anti-phospho-MLC antibody (Fig. 13a). I herein
adopted a CRY2-based OptoMYPT system (Kennedy et al. 2010), because the slower
dissociation kinetics of the CRY2-CIB system compared to that of the iLID-SspB system was
preferable for this experiment. Local illumination of blue light induced spatially restricted
recruitment of CRY2-mCherry and CRY2-mCherry-MYPT169 (Fig. 13b, left column). In
addition, the local recruitment of CRY2-mCherry-MYPT169, but not CRY2-mCherry,
attenuated the MLC phosphorylation (Fig. 13b, right column). The quantification of
phosphorylated MLC fluorescence intensity in dark and light illuminated areas (Fig. 13a)
revealed a partial but significant reduction in the phosphorylated MLC level (Fig. 13c). I
further evaluated the dephosphorylation of MLC by biochemical studies. To this end, I
established a doxycycline-inducible expression system of OptoMYPT proteins, because
PP1BDs of MYPT tended to form aggregates by long term expression. I found that the global
blue light illumination partially decreased the phosphorylated MLC level, based on western
blotting analysis in MDCK cells expressing OptoMYPT proteins (Fig. 14). This partial
reduction of MLC phosphorylation by OptoMYPT was probably due to the limited
accessibility of PP1BD of MYPT to MLCs; OptoMYPT could reach MLCs that were located
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beneath the plasma membrane, such as lamellipodia, but not at the sites far from the plasma
membrane. Note that just OptoMYPT expression induced a slight decrease in phosphorylated
MLC levels even before blue light irradiation (Fig. 14), implying that PP1c is partially
activated by overexpression of MYPT169 with the doxycycline-inducible expression system.
Taken together, these results indicate that the OptoMYPT system dephosphorylates MLCs
located beneath the plasma membrane by light stimulation.

44

Figure 13. OptoMYPT-induced dephosphorylation of MLC with immunofluorescence
analysis.
(a) Schematic illustration of an experimental procedure to quantify phosphorylated MLC
levels. The blue light was locally focused on the lamellipodial area in each cell, followed by
fixation and immunostaining. (b) Immunofluorescence analysis of MLC phosphorylation
after local blue-light illumination. The upper and lower images show MDCK cells expressing
CRY2-mCherry and CRY2-mCherry-MYPT169, respectively. CIBN-EGFP-KRasCT was
also expressed as a localizer in both experiments. The blue circular region was locally
illuminated with 500 msec of blue light at 2 min intervals for 30 min. Scale bar, 10 μm. (c)
The phosphorylated MLC level was quantified by dividing the mean fluorescence intensity of
the light area by that of the dark area in panel a, and shown as a box plot, in which the box
extends from the first to the third quartile with the whiskers denoting 1.5 times the
interquartile range. n = 30 and 28 cells for the control and OptoMYPT, respectively. ***p <
0.001 (Brunner-Munzel test) (Brunner and Munzel 2000).
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Figure 14. OptoMYPT-induced dephosphorylation of MLC with western blot analysis.
(a) Western blot analysis of phosphorylated MLC and α-Tubulin in MDCK cells. In this cell
line, Stargazin-mEGFP-iLID is constitutively expressed, whereas SspB-mScarlet-IMYPT169 is expressed in a doxycycline-dependent manner (0.25 µg/mL doxycycline for one
day). Blue light was globally and continuously illuminated from the top of the dish for the
number of minutes indicated on the figure. (b) Quantification of phosphorylated MLC levels.
α-Tubulin was used as loading control. n = 5 experiments. p = 0.004 (Paired t-test).
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3.2.4. Light-induced membrane protrusions by OptoMYPT.
The depletion of myosin IIA, blebbistatin treatment, or overexpression of the nonphosphorylatable form of MLC has been shown to result in membrane protrusion (Even-Ram
et al. 2007; Miguel Vicente-Manzanares et al. 2008; Burnette et al. 2011; Kuragano,
Murakami, and Takahashi 2018). These reports prompted us to examine whether
dephosphorylation of MLC by OptoMYPT would induce membrane protrusion. The control
MDCK cells that expressed SspB-mScarlet-I, Stargazin-mEGFP-iLID, and LifeactmiRFP703 demonstrated local accumulation of SspB-mScarlet-I by blue light illumination,
but did not show the morphological change (Fig. 15a). On the other hand, the OptoMYPTexpressing MDCK cells reproducibly showed peripheral membrane protrusions in the bluelight exposed area (Fig. 15b). I evaluated light-induced membrane protrusion with a
kymograph and time-course graph, which showed the movement of the cell edge upon blue
light illumination in OptoMYPT-expressing cells (Fig. 15c). The protruding membrane was
subsequently maintained under dark conditions (Fig. 15c). Interestingly, I often recognized
membrane retraction on the opposite side of the blue-light illumination area (Fig. 15e, yellow
arrowhead). This data suggests that the decrease of the concentration of PP1c in the nonilluminated area activates actomyosin. Furthermore, the global, blue-light illumination of
MDCK cells expressing OptoMYPT induced membrane protrusions mainly from
lamellipodial regions (Fig. 16). Similarly, in NIH-3T3 cells, the local illumination of blue
light induced membrane protrusions from the pre-existing lamellipodia (Fig. 17a, b, inset 1),
but did not induce the change in stress fiber formation and membrane protrusions from the
site in close proximity to stress fibers (Fig. 17a, b, inset 2). This result suggests that MLCs on
stress fibers probably escape the dephosphorylation by OptoMYPT because they are far from
the plasma membrane. Finally, I tested whether the CRY2-based OptoMYPT system induces
the same protrusions as the iLID-based one. In an actively migrating MDCK cell, I repeatedly
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induced membrane protrusions in the light-illuminated area (Fig. 18). Taken together, I
concluded that the OptoMYPT system induces membrane protrusions from the lamellipodial
region due to the dephosphorylation of MLCs.
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Figure 15. OptoMYPT-induced membrane protrusions by local illumination.
(a, b) Simultaneous visualization of SspB-mScarlet-I (a) or SspB-mScarlet-I-MYPT169 (b)
with F-actin (Lifeact-miRFP703) in MDCK cells. The blue rectangular regions were locally
illuminated with 500 msec blue light every 20 sec. The right bottom image shows a binary
image reconstructed from Lifeact-miRFP703 images; red and purple areas represent
protruding and retracting areas, respectively. The yellow arrowheads depict membrane
protrusion. Scale bar, 20 μm. (c) Kymographs were drawn along the orange dashed lines in
panels a and b. Green dashed lines show cell boundaries. Scale bar, 5 μm. (d) Quantification
of the local protruding areas under the indicated conditions. The total protruded area was
calculated by subtracting the cell area in the locally illuminated region at t = 0 from that at
each time point. Local blue light was illuminated from 10 to 50 min. The thin and bold lines
indicate the individual and averaged data, respectively. n = 15, 13, and 12 cells for Controllight (local blue light illumination), OptoMYPT-dark (dark condition), OptoMYPT-light
(local blue light illumination), respectively. (e) Representative images of the induction of
membrane retraction (yellow arrowhead) on the opposite side of the blue-light illuminated
area. The blue rectangular regions were locally illuminated with 500 msec blue light every 20
sec. Scale bar, 20 μm.
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Figure 16. OptoMYPT-induced membrane protrusions by global illumination.
Simultaneous visualization of SspB-mScarlet-I-MYPT169 with Stargazin-mEGFP-iLID in
MDCK cells. In this cell line, Stargazin-mEGFP-iLID is constitutively expressed, whereas
SspB-mScarlet-I-MYPT169 is transiently expressed by a doxycycline-inducible promoter
(0.25 µg/mL doxycycline for one day). Blue light was globally and continuously illuminated
from the top of the dish just after imaging onset for 60 min. The upper and lower panels
represent the cells without or with doxycycline induction, respectively. The left columns
show the expression of SspB-mScarlet-I-MYPT169, indicating the induction of SspBmScarlet-I-MYPT169 in a doxycycline-dependent manner. The right columns show the
deformation of cell shape across 60 min of blue light illumination, with the time elapsed
indicated by the color code on the right side. Yellow arrowheads indicate lamellipodial
protrusion. Scale bar, 50 μm.
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Figure 17. OptoMYPT-induced membrane protrusions in NIH-3T3 cells.
(a) Simultaneous visualization of SspB-mScarlet-I-MYPT169 (upper) with F-actin (LifeactmiRFP703) (lower) in NIH-3T3 cells. The rectangular regions were illuminated with blue
light for 500 msec every 20 sec. Blue rectangles indicate illuminated areas. Scale bar, 20 μm.
(b) Inset images of Lifeact-miRFP703 in panel a. Scale bar, 5 μm.
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Figure 18. OptoMYPT-induced membrane protrusions based on CRY2-CIB system.
Simultaneous visualization of CRY2-mCherry-MYPT169 (upper) with F-actin (LifeactmiRFP703) (lower) in an MDCK cell. The rectangular and circular regions were illuminated
with blue light for 500 msec every 1 min. Blue rectangles indicate illuminated areas. Scale
bar, 20 μm.
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3.2.5. OptoMYPT reduced the traction force in migrating cells.
Next, I examined whether the decrease in MLC phosphorylation by OptoMYPT affects
actomyosin-based contractile force. To do this, I employed traction force microscopy, which
is a method of estimating the force with which cells pull on a substrate. The cells were seeded
on polyacrylamide gel containing fluorescence beads. Based on the movement of the beads
and the stiffness of the gel, the traction force can be inferred (Fig. 19a). In order to
simultaneously observe the membrane translocation of SspB-mScarlet-I or SspB-mScarlet-IMYPT169 and the movement of the beads, infra-red beads were used. The blue light was
locally focused on the lamellipodial region of randomly migrating MDCK cells, where the
cells were generating strong traction force. SspB-mScarlet-I (control) and SspB-mScarlet-IMYPT169 (OptoMYPT) were successfully recruited to the locally illuminated area (Fig. 19b,
c). In contrast to the control cells, the cells expressing the OptoMYPT system showed a
decrease in traction force after blue light illumination (Fig. 19d). These results indicate that
the OptoMYPT system can dephosphorylate MLCs by local blue light illumination, leading
to a reduction of traction force in randomly migrating cells.
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Figure 19. OptoMYPT reduced the traction force in migrating cells.
(a) Schematic illustration of the traction force microscopy. (b,c) Traction force measurement
in an MDCK cell expressing SspB-mScarlet-I (b), and SspB-mScarlet-I-MYPT169 (c) with
Stargazin-mEGFP-iLID. The blue rectangular regions were locally illuminated with 500
msec of blue light at 20 sec interval for 30 min. Traction force (Pa) is represented as a pseudo
color. Scale bar, 20 μm. (d) Quantification of the traction force before and after blue-light
illumination. n = 10 and 13 cells for Control and OptoMYPT cells, respectively.
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3.2.6. OptoMYPT reduced the tension at the cell-cell junction in Xenopus embryos.
I further applied OptoMYPT to the in vivo system by using Xenopus laevis embryos. For this
purpose, I observed the animal pole of stage 12 gastrula embryos, which generate relatively
strong tension at the cell-cell junctions (Kinoshita et al. 2020). The embryos expressing
SspB-mScarlet-I or SspB-mScarlet-I-MYPT169 together with Stargazin-mEGFP-iLID and
Lifeact-miRFP703 demonstrated rapid plasma membrane translocation of SspB-mScarlet-I or
SspB-mScarlet-I-MYPT169 in response to blue light illumination, respectively (Fig. 20a,
upper panels). In embryos expressing OptoMYPT, the cell-cell junctions became wavy in
shape by blue light illumination, suggesting decreased actomyosin contractility (Fig. 20a,
lower panels, b) (Hara, Shagirov, and Toyama 2016; Hara 2017; Arnold et al. 2019). I
quantified the temporal changes in waviness at the cell-cell junctions and found that waviness
increased significantly in the cells expressing OptoMYPT constructs after blue light
illumination (Fig. 20c-f).
Next, I investigated the recovery time of the wavy cell-cell junctions to return to its
original state by long-term imaging (Fig. 21a). As in the previous results, SspB-mScarlet-IMYPT169 rapidly translocated to the plasma membrane by blue light illumination, and the
cell-cell junctions gradually changed to wavy shape (Fig. 21b). After turning off blue light,
SspB-mScarlet-I-MYPT169 rapidly dissociated from the plasma membrane, while it took
approximately 2 hours to recover the basal shape of the cell-cell junctions. Interestingly, I
often found an accumulation of F-actin in the recovering wavy cell-cell junctions (Fig. 21b,
yellow arrowheads). These F-actin accumulations gradually disappeared during the course of
recovering wavy cell-cell junction. This result suggests that actin reorganization is abnormal
in the wavy cell-cell junctions.
To directly validate the decrease in actomyosin contractility at the cell-cell junctions,
I combined laser ablation with optogenetic experiments. This is because the tension along the
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cell-cell junction can be estimated by measuring the recoil velocity of the cell-cell junction
after laser ablation (Gómez-González et al. 2020; Iyer et al. 2019). For convenience, the
ablation point was determined based on the membrane-targeted mEGFP signal at the cell-cell
junctions. To prevent membrane translocation of SspB-mScarlet-I-MYPT169 by excitation
light for mEGFP, mEGFP-KRasCT, which is a plasma membrane-localized protein incapable
of recruiting SspB proteins, was co-expressed instead of Stargazin-mEGFP-iLID and was
used as an “OptoMYPT-no translocation” control (Fig. 22a). In these experiments, the cells
were 20 min pre-illuminated and then illuminated by the mEGFP excitation blue light for
laser ablation experiments. To avoid potential contributions of the initial junction lengths to
recoil, cell-cell junctions of similar lengths were selected for the laser ablation experiments
(Fig. 22b). I tested the following three conditions; Control (SspB-mScarlet-I and StargazinmEGFP-iLID), OptoMYPT-no translocation (SspB-mScarlet-I-MYPT169 and mEGFPKRasCT), and OptoMYPT (SspB-mScarlet-I-MYPT169 and Stargazin-mEGFP-iLID). The
center of the cell-cell junctions was ablated, and the displacement was measured from the
subsequent change in the distance between cell-cell junctions (Fig. 22c, d). The recoil
velocity of the cell-cell boundary was significantly slower in OptoMYPT cells (0.81 ± 0.42
μm/min) than in Control cells (1.06 ± 0.38 μm/min) and OptoMYPT-no translocation cells
(1.35 ± 0.50 μm/min) (Fig. 22e), indicating the reduced tension at the cell-cell junction by
OptoMYPT. These results demonstrate that the OptoMYPT system is applicable in vivo and
decreases actomyosin contractility in a multicellular context.
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Figure 20. OptoMYPT induced wavy cell-cell junction in Xenopus embryos.
(a) Simultaneous visualization of SspB-mScarlet-I (left) or SspB-mScarlet-I-MYPT169
(right) with F-actin (Lifeact-miRFP703) in Xenopus embryos at gastrula stages. The mRNAs
for SspB-mScarlet-I (left) or SspB-mScarlet-I-MYPT169 (right) with Stargazin-mEGFPiLID and Lifeact-miRFP703 were injected into the animal pole region of a ventral blastomere
at the four-cell stage. Cells were globally illuminated through the objective lens with 500
msec of blue light at 20 sec intervals. Scale bar, 20 μm. (b) Kymographs were drawn along
the orange boxed areas in panels a. Scale bar, 20 μm. (c, d) The path length (c) and total
distance (d) of cell-cell junctions were quantified in Xenopus embryos expressing SspBmScarlet-I (Control) and SspB-mScarlet-I-MYPT169 (OptoMYPT) with Stargazin-mEGFPiLID. The average of path length and total distance are plotted as a function of time with SD.
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Results are shown for n = 15 cells from three embryos for both Control and OptoMYPT. (e)
The path length and total distance in panel c and d were normalized by the average value
before blue light illumination, and are plotted as a function of time with SD. (f)
Quantification of the border waviness of cell-cell junctions visualized by Lifeact-miRFP703.
The border waviness was calculated by dividing the actual length of the cell-cell junction by
the distance at each time point. Blue light was illuminated for a total of 10 to 50 min. The
average values (bold lines) are plotted as a function of time with the SD. n = 15 cells from
three embryos for both the Control and OptoMYPT experiment. **p<0.01 by Student’s t-test
at 50 min.
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Figure 21. Recovery of wavy cell-cell junction visualized by long-term live imaging.
(a) Time course of long-term imaging. Blue light was illuminated from t = 10 min to t = 50
min. (b) Simultaneous visualization of SspB-mScarlet-I (left) or SspB-mScarlet-I-MYPT169
(right) with F-actin (Lifeact-miRFP703). Cells were globally illuminated through the
objective lens with 500 msec of blue light at 20 sec intervals. Lower panels indicate the inset
images of yellow boxed regions in middle panels. Yellow arrowheads indicate the
accumulation of F-actin. Scale bar, 20 and 10 μm for middle panels and lower panels,
respectively.
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Figure 22. OptoMYPT reduced tension at the cell-cell junction in Xenopus embryos.
(a) Laser ablation of the animal pole region at gastrula stages. Representative images of
plasma membranes visualized by Stargazin-mEGFP-iLID (upper and lower) or mEGFPKRasCT (middle) in the left column and SspB-mScarlet-I (upper) and SspB-mScarlet-IMYPT169 (middle and lower) in the right column. The images at t = 16 sec (blue) before and
t = 36 sec (yellow) after ablation were overlaid with the image at t = 0 sec (gray). The yellow
arrowheads depict the ablation points. Blue light was continuously illuminated from the top
of the embryo 20 min before imaging and continued to be illuminated through the objective
lens every 3 sec to visualize cell-cell junctions. Kymographs of the orange boxed areas in
panel h are shown on the right side. Scale bar, 20 μm. (b) The junction length at t = 0 sec was
shown as a box plot, in which the box extends from the first to the third quartile with the
whiskers denoting 1.5 times the interquartile range. A dot indicates data from an individual
cell. (c) Time-course kinetics of the displacement after laser ablation. The average values
(bold lines) are plotted as a function of time with the SD. n = 32, 24, 38 cells from at least 6
embryos for Control, OptoMYPT-no translocation and OptoMYPT, respectively. (d)
Displacement 15 s after ablation. **p<0.01 by Student’s t-test. (e) Recoil velocity was
calculated from the difference in junction length before (t = 0) and just after (t = 3.08) laser
ablation. *p<0.05 (Student’s t-test). (d, e) Results are shown for n = 32, 24, and 38 cells from
at least 6 embryos for Control, OptoMYPT-no translocation, and OptoMYPT, respectively.
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3.2.7. Characterization of various actomyosin-binding proteins towards the
improvement of the OptoMYPT system.
In the current version of the OptoMYPT, I employed Stargazin or KRasCT to recruit PP1BD
and PP1c to the plasma membrane (Fig.7, 10a). However, the dephosphorylation of MLC by
this approach is partial and not efficient (Fig.13, 14). Furthermore, the strategy of recruiting
PP1c to the plasma membrane may induce dephosphorylation of other proteins such as ERM
(see the Discussion section for more details). To address this problem, I investigated some
actomyosin-binding localizers other than proteins localized at the plasma membrane.
I cloned MYPT1, Anillin, and MLCK, which are known to contain myosin-binding
domains, from cDNAs of HeLa cells (Piekny and Glotzer 2008; Straight, Field, and
Mitchison 2005; Silver et al. 1997; Ito et al. 2004) (Fig. 23a). It has been reported that 170296 a.a. region in the MYPT1 binds to phospho-MLC (Hirano, Phan, and Hartshorne 1997;
Tanaka et al. 1998). The acidic cluster located in 297-374 a.a maximizes the affinity with
phospho-MLC (Hirano, Phan, and Hartshorne 1997). Therefore, two types of lengths with
and without acidic clusters were examined. I also examined iMyo, which is known as an
intrabody that binds to myosin heavy chains (Vielemeyer et al. 2010; Hashimoto and Munro
2019), and Lifeact, which binds to F-actin (Riedl et al. 2008) (Fig. 23a). I expressed fusion
proteins of these localizers and optogenetic proteins such as CIB and iLID in MDCK cells
stably expressing Lifeact-miRFP703, and confirmed their localizations (Fig. 23b). Among the
six candidates, Anillin, iMyo, and Lifeact showed fiber-like localization. In particular, iMyo
showed a spotted pattern along the fibers, which is characteristic of localization of NMII. On
the other hand, MYPT1 and MLCK-derived localizers were diffused in the cytoplasm. These
results suggest that the Anillin, iMyo, and Lifeact can be used as actomyosin-binding
localizers.
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Figure 23. Examination of localizers for the improvement of the OptoMYPT system.
(a) Schematic illustrations of MYPT1 (human), Anillin (human), MLCK (human), iMyo, and
Lifeact. The actomyosin-binding domain and the acidic cluster are represented as an orange
and gray box, respectively. Binding targets of each protein are shown on the right side. (b)
Localizations of each actomyosin-binding protein. Inset images show yellow boxed regions
in upper panels. Scale bar, 20 and 5 μm in middle and lower panels, respectively.
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3.3. Discussion
3.3.1. Comparison of OptoMYPT and conventional methods
In this chapter, I developed a new optogenetic tool, OptoMYPT, and demonstrated lightdependent relaxation of cellular forces at the subcellular level. The current main method to
weaken actomyosin contractility is pharmacological, using small chemical compounds
(Straight et al. 2003; Uehata et al. 1997; Saitoh et al. 1987). These drugs act on the entire cell,
making it difficult to act on them locally. Although local application of drugs with a
micropipette have been reported, it is difficult to observe specimens for a long time due to
rapid diffusion of drugs (Sedzinski et al. 2011; O’Connell, Warner, and Wang 2001). In
addition, genetic approach such as knock-down or knock-out of actomyosin-related protein
also affects the entire cell. On the other hand, using OptoMYPT, I have succeeded in
dephosphorylating MLCs and weakening contractility at the subcellular level (Figs. 13, 15,
and 17-19). A notable advantage of OptoMYPT is the ability to move or specify multiple
ROIs for light irradiation (Table 2).
The OptoMYPT will provide new flexibility in force measurement. Various methods
have been used to study the mechanical properties of cells, such as laser ablation, AFM, and
microaspiration (Gómez-González et al. 2020). Although these methods are significant to
acquire absolute value of the mechanical properties, these methods are sometimes invasive to
the cell. Moreover, these methods only measure one part of the cell, making it difficult to
examine the contributions of multiple local forces within the cell or tissues. In this respect,
OptoMYPT affects the cell mildly and perturb multiple regions simultaneously. Future
studies are expected to validate the OptoMYPT in more detail, and establish a quantitative
force reduction method. In addition, optogenetic experiments only require conventional
confocal microscopy; it does not require special equipment such as laser ablation, AFM, and
microaspiration. This makes force measurement or perturbation much easier in terms of
63

technique. Furthermore, while it is still technically difficult to combine high-resolution
imaging with conventional methods, optogenetic experiments make it possible. Such an
advantage is suitable for studying causal relationships between local force perturbation and
morphological changes with high spatial and temporal precision (Table 3).
The OptoMYPT is substantially different from existing optogenetic tools that are
related to cell mechanics in two ways. First, the OptoMYPT reduces contractile forces below
the basal level, and therefore provides additional flexibility for in situ control of actomyosin
contractility and cellular morphology. Second, the OptoMYPT directly regulates NMII
through MLC dephosphorylation, whereas optogenetic modulation of RhoA activity, socalled “OptoRhoGEF”, or PI(4,5)P2 may affect pathways other than NMII, since RhoA and
PI(4,5)P2 are known to control various downstream effectors such as ROCK, mDia, and the
ERM proteins (Oshiro, Fukata, and Kaibuchi 1998; Yonemura et al. 2002; Narumiya, Tanji,
and Ishizaki 2009) (Table 2 and 3).
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Local control

Specificity

Reversibility

Efficiency

OptoMYPT

○

△

○

△

Chemical compounds

△

○

△

○

Genetics

×

○

×

○

OptoRhoGEF

○

△

○

△

Table 2. Comparison of OptoMYPT and conventional force perturbation methods.

Quantitative
measurement

Invasiveness

Multi-point
measurement

Combination
with imaging

OptoMYPT

△

○

○

○

Laser ablation

○

×

△

△

Microaspiration

○

△

×

△

AFM

○

△

×

△

OptoRhoGEF

△

○

○

○

Table 3. Comparison of OptoMYPT and conventional force measurement methods.
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3.3.2. Substrate specificity of the OptoMYPT system.
There still remain some issues to be addressed with respect to the OptoMYPT. First is the
issue of substrate specificity in OptoMYPT (Table 2). We could not exclude the possibility
that the OptoMYPT dephosphorylates additional substrates other than MLC. In addition, the
expression of PP1BD of MYPT affected the localization of endogenous PP1c (Figs.9a and
11a). Some proteins are dephosphorylated by PP1c in the nucleus (Kiss et al. 2008), and
therefore the nuclear exclusion of PP1c by OptoMYPT may disturb its nuclear function.
However, based on the fact that the expression of MYPT296 did not dephosphorylate ERM
proteins (Fig. 8d), it seems somewhat unlikely that OptoMYPT dephosphorylates and
inactivates the ERM proteins.
The next issue is the localizer of optogenetic switches. In the current OptoMYPT
system, dephosphorylation of MLC was induced by recruiting MYPT169 to the plasma
membrane upon illumination with blue light. It is plausible that the OptoMYPT
dephosphorylates and inactivates only the NMII existing in the vicinity of the plasma
membrane, such as in the lamellipodial region (Fig. 13) and at cell-cell junctions in Xenopus
embryos (Figs. 20-22). Meanwhile, my data suggest that OptoMYPT is incapable of
dephosphorylating MLCs that are located away from the plasma membrane and/or that are
incorporated in the highly bundled actin fibers, such as stress fibers (Fig. 17) and the
contractile ring (Fig. 28). To overcome this limitation, I examined six candidates of localizer
derived from actomyosin-binding proteins, and found that Anillin, iMyo, and Lifeact can be
used as localizers (Fig. 23). In future, it is necessary to validate whether these localizers can
reduce the contractile force more efficiently. One concern is that these localizers bind to the
endogenous actomyosin, so that their expression level should be carefully controlled in order
not to freely diffuse in the cytoplasm.
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3.3.3. Efficiency of dephosphorylation of MLC by OptoMYPT system
Here, I discuss the efficiency of MLC dephosphorylation by the OptoMYPT system (Table
2). Based on immunofluorescence analysis, the efficiency of MLC dephosphorylation was
approximately 60% (Fig. 13). This value may contain the effect of increased phosphorylation
level in the dark area, because I quantified phospho-MLC level by dividing the fluorescence
intensity of the light area by that of the dark area. I often observed tail retraction in the
opposite side of the light-illuminated area, supporting the possibility of increase in
phosphorylation in the dark area (Fig. 15e). In addition, based on western blotting analysis,
the efficiency of dephosphorylation was approximately 75% compared to cells expressing
OptoMYPT proteins under dark conditions (Fig. 14). The resulting decrease of the traction
force was approximately 70-80% compared to the dark condition (Fig. 19). These results
indicate that the efficiency of dephosphorylation of MLC and force reduction is partial.
As I mentioned in the above section, these low efficiencies may be improved using
other actomyosin-binding localizers. Another possible way is to increase the expression level
of PP1c. According to my estimation, the expression level of transiently overexpressed
PP1BD was 50-fold higher than that of endogenous MYPT1 (Fig. 12). Therefore, there could
be an excess amount of PP1BDs that do not bind to the endogenous PP1c. In principle, if the
expression level of PP1c can be increased by overexpression, local concentration of PP1c can
be increased upon local light-illumination. However, this approach seems to be difficult for
the following two reasons. First, the overexpression itself is difficult. I overexpressed PP1c in
MDCK cells, but the expression level was low compared to that of other proteins
overexpressed by the same amount of plasmids (data not shown). The overexpressed PP1c
could be unstable and/or toxic. Second, it has been reported that the soluble fraction of PP1c
in the cytoplasm can also dephosphorylate MLC (Chang et al. 2018), suggesting that the
basal phospho-MLC level may be reduced by the overexpression.
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3.3.4. Reversibility of the OptoMYPT system
One of the advantages of using optogenetics is its reversibility (Table 2). In experiments
using small chemical compounds, it is often technically difficult to wash out the drug. In this
respect, most LID proteins reversibly dissociate under the dark conditions or illumination
with specific wavelengths (Klewer and Wu 2019; Krueger et al. 2019). SspB-mScarlet-IPP1BDs also rapidly dissociated from the plasma membrane after turning off blue light (Figs.
9, 17, and 21). However, it took a relatively long time for the cell morphology to recover to
the original state (Figs. 17, 21). Particularly, the recovery of junctional shape took
approximately 2 hours in Xenopus embryos (Fig. 21). On the other hand, Valon et al. reported
that optogenetic recruitment of RhoGEF to the plasma membrane increases the traction force
and it recovered to the original state within 15 min in MDCK cells (Valon et al. 2017).
Similar strategy has demonstrated that local accumulation of actomyosin by light diminishes
within 10 min (Wagner and Glotzer 2016). In the case of Xenopus embryos, higher junctional
tension induces RhoA flares, leading to the local accumulation of F-actin and reorganization
of cell-cell junctions (Varadarajan et al. 2021). This process is completed within 300 sec,
although a similar phenotype of local accumulation of F-actin was observed in my long-term
observation (Fig. 21). One possibility to explain these differential recovery times is the
existence of bistability of actomyosin contractility. If the actomyosin contractility is stable at
the high-contractile state, optogenetic increase in actomyosin contractility is rapidly
recovered to the original state due to the decay or negative feedback mechanisms. On the
other hand, optogenetic decrease in actomyosin contractility should be recovered by positive
feedback mechanisms from actomyosin to upstream factors (Uyeda et al. 2011; Priya et al.
2015). The experimental data of long recovery time may indicate that the transition to another
state where positive feedback is less likely to be worked and low-contractile state is
stabilized.
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4. Chapter II: Application of the OptoMYPT system to understand the
mechanics of cytokinesis
4.1. Introduction
Mechanics of cytokinesis
Cytokinesis is the final step of cell division to mechanically divide a cell into two daughter
cells. In this process, actin, NMII, and cross-linkers constitute a contractile ring in the
equatorial plane, and generate force by constriction (Pollard 2010; Green, Paluch, and
Oegema 2012) (Fig. 24, solid arrows). On the other hand, the tension developed in cortical
actomyosin counteracts the force in the contractile ring (Yoneda and Dan 1972; Turlier et al.
2014; Stachowiak et al. 2014; Rodrigues et al. 2015; Kunda et al. 2008; Chapa-Y-Lazo et al.
2020) (Fig. 24, dashed arrows). Thus, to advance the constriction, the contractile ring has to
overcome the resistance of the actin cortex. There are two mechanisms for driving the
cytokinesis; increasing tension of the contractile ring and weakening tension of the cell
cortex. The latter mechanism, so-called “polar relaxation”, through, for example, NMII
removal from the polar region, is required for proper cytokinesis (Yoneda and Dan 1972;
Turlier et al. 2014; Stachowiak et al. 2014; Rodrigues et al. 2015; Kunda et al. 2008; ChapaY-Lazo et al. 2020), but genetic and pharmacological inhibition of cortical actomyosin often
induce cytokinetic failure (Taneja et al. 2020; Yamamoto et al. 2019; O’Connell, Warner, and
Wang 2001; Wiggan et al. 2012). To elucidate the underlying mechanics, the strength of
cortical tension has been directly measured using atomic force microscopy (AFM),
microaspiration, and laser ablation methods (Taneja et al. 2020; Matzke, Jacobson, and
Radmacher 2001; Tinevez et al. 2009). However, clarifying the contribution of cortical
tension is still technically challenging due to the highly dynamic nature of cytokinesis.
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Figure 24. Mechanics of cytokinesis.
Schematic illustration of cytokinesis in animal cells. Solid and dashed arrows indicate ring
tension and cortical tension, respectively. Pink, green, and gray objects indicate actomyosin,
microtubules, and chromosomes, respectively.
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4.2. Results
4.2.1. Experimental setup for the local blue light illumination during cytokinesis.
To quantitatively clarify the contribution of cortical tension to the ring tension, I expected
that optogenetic perturbation of the cortical tension by the OptoMYPT system would be a
new and potentially effective approach. Blue light was locally and repeatedly illuminated at
both poles from the onset of chromosome segregation (Fig. 25a, upper and lower panels).
SspB-mScarlet-I and SspB-mScarlet-I-MYPT169 were trapped in the polar region (Controlpole and OptoMYPT-pole, respectively) (Fig. 25a). Because the overexpression of
OptoMYPT might reduce basal actomyosin activity (Fig. 15), cells expressing SspBmScarlet-I-MYPT169 under a dark condition throughout cytokinesis (OptoMYPT-dark) were
also used as another control (Fig. 25a, middle panels).
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Figure 25. Local blue-light illumination during cytokinesis.
(a) Representative images of SspB-mScarlet-I (upper) or SspB-mScarlet-I-MYPT169 (middle
and lower) in MDCK cells during cytokinesis. The blue circular regions were locally
illuminated with blue light every 3.11 sec. Middle panels represent the cytokinesis of a cell
under dark conditions. Scale bar, 10 μm. (b) Inset images of polar blebbing (the green and
magenta boxed regions in panel b, representing the early and late phases, respectively).
Yellow and blue arrowheads indicate small and large new blebs per stack, respectively. Scale
bar, 3 μm.

72

4.2.2. Quantification of blebbing dynamics during cytokinesis.
I quantified the dynamics of membrane blebbing at the polar cortex during cytokinesis (Fig.
26a), because bleb formation requires the intracellular pressure generated by cortical tension
to be high enough to overcome membrane-cortex anchoring and surface tension of the plasma
membrane (Sedzinski et al. 2011; Tinevez et al. 2009; Charras and Paluch 2008). I found that
the level of membrane bleb formation following the onset of cleavage furrow ingression was
lower in OptoMYPT-pole cells than Control-pole or OptoMYPT-dark cells (Fig. 26b). In
addition, I found that the local activation of OptoMYPT altered the onset and size of
membrane bleb formation during cytokinesis (Fig. 26c, d). First, the onset of blebbing was
delayed in OptoMYPT-pole cells, while Control-pole and OptoMYPT-dark cells showed
blebbing from the early phase of ring constriction (Fig. 26c). Second, in the later phase of
cytokinesis, OptoMYPT-pole cells exhibited large blebs (Figs. 25b, blue arrowhead, 26d),
although the bleb counts were still smaller than the control cases. I should note that the
OptoMYPT activation might weaken the membrane-cortex linkage, such as by ERM
deactivation. However, this weakening of the membrane-cortex linkage has been shown to
render the OptoMYPT-pole cells more prone to bleb formation (Rodrigues et al. 2015;
Charras and Paluch 2008). Therefore, the absence of blebbing in the early phase indicates
reduced tension in OptoMYPT-pole cells independent of whether membrane-cortex linkage is
weakened or not. On the other hand, the larger blebs of the OptoMYPT-pole cells in the late
phase, possibly initiated by excess intracellular pressure coming from ring constriction, might
be explained by both the weakening of the membrane-cortex linkage and inefficient bleb
retraction (see the Discussion section for more details).
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Figure 26. Quantification of blebbing dynamics during cytokinesis.
(a) Representative image of an MDCK cell expressing SspB-mScarlet-I and StargazinmEGFP-iLID used for the quantification of the bleb diameter. The blue arrowheads in the
upper panel indicate new blebs per 15.54 sec. The blue arrows in the lower panel indicate
measured bleb diameters. The lower panels are a magnified view of the yellow-boxed regions
in the upper panels. Scale bar, 10 and 5 μm for the upper and lower panels, respectively. (b,
c) Quantification of the total number of blebs during cytokinesis, shown as a box plot (b), and
of the number of new blebs emerged within 15.54 sec, shown as a line graph (c), in which
thin and bold lines indicate individual and averaged data, respectively. n = 5, 10, and 13 cells
for Control-pole, OptoMYPT-dark, and OptoMYPT-pole, respectively. **p < 0.01 (student’s
t-test). (d) The diameter of blebs in the Control-pole, OptoMYPT-dark, and OptoMYPT-pole
cells are shown as a violin plot. The counted number of blebs was 266, 360, and 257 for
Control, OptoMYPT-dark, and OptoMYPT-pole, respectively.
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4.2.3. Acceleration of the ingression rate of cleavage furrows during cytokinesis by the
optical relaxation of cortical tension.
Next, I investigated the effects of OptoMYPT on the dynamics of ring constriction. I
measured the furrow ingression rate under each condition to gain insight into how the cortices
affected the furrow ingression. The ingression rate of the cleavage furrow was significantly
higher in OptoMYPT-pole cells (2.26 ± 0.25 μm/min) than in Control-pole cells (1.55 ± 0.20
μm/min) and OptoMYPT-dark cells (1.93 ± 0.33 μm/min) (Fig. 27). These results highlight
the negative contribution of the cortices to the cleavage furrow ingression. Of note, the
ingression rate of OptoMYPT-dark cells was slightly higher than that of Control-pole cells
(Fig. 27), suggesting the basal effects of OptoMYPT on MLC phosphorylation even under
the dark condition.
I also conducted an experiment in which the equatorial plane of dividing cells was
irradiated with blue light, because it has been reported that the actomyosin-based contractility
is associated with the constriction of the contractile ring (Pollard 2010; Green, Paluch, and
Oegema 2012). However, blue light illumination at the equatorial plane of dividing cells had
no influence on the ingression rate of cleavage furrow (see the Discussion section for more
details) (Fig. 28).
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Figure 27. Quantification of the furrow ingression rate.
(a, b) Quantification of the furrow ingression rate after ingression onset. Averaged relative
diameters are plotted as a function of time with the SD (a). The ingression rate was estimated
by calculating the slope of the ingression rate from 1.0 to 0.6 in panel f, and shown as a box
plot (b). n = 7, 10, and 13 cells for Control-pole, OptoMYPT-dark, and OptoMYPT-pole,
respectively. *p < 0.05 (student’s t-test).
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Figure 28. Blue light illumination to the equatorial region during cytokinesis.
(a) Representative images of SspB-mScarlet-I-MYPT169 in MDCK cells during cytokinesis.
The blue boxed regions were illuminated with blue light every 3.11 sec. Scale bar, 10 μm. (b)
Quantification of the furrow ingression rate in OptoMYPT-equator cells. Ingression rates of
Control-pole and OptoMYPT-dark in Figure 4f are merged. Averaged relative diameters are
plotted as a function of time with the SD. Results are shown for n = 5 cells for OptoMYPTequator.
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4.2.4. Physical modeling of cytokinesis.
To quantify how the OptoMYPT activation modified the cortical tension, I adopted a coarsegrained physical model describing the mechanics of cytokinesis. Previous studies have
established a simple equation for the equilibrium of forces between the contractile ring and
the two polar cortices (Yoneda and Dan 1972; Sedzinski et al. 2011; Turlier et al. 2014).
Based on the Young-Laplace law, the force balance is written as
𝝈𝐫 = 𝟐𝑹𝐫 𝑻𝐜 𝐜𝐨𝐬 𝜽 , (S1)
where σr is the net tension in the ring and Tc is the tension in the polar cortices (see Figure 29
for the definitions of the geometric factors Rr and θ). Since the turnover of cortical actin (~10
sec) is much faster than the time scale of cytokinesis (~10 min), the material property of polar
cortices can be described as active viscous liquid (Turlier et al. 2014). Thus, the cortical
tension depends on both the mechanical strength of the cortical cytoskeleton, which causes
the effective viscosity, and myosin motors, which cause active tension. Here I simply
describe the cortices as an active viscous membrane having tension Tc. On the other hand, the
net tension in the ring is composed of two factors, tension generated by myosin motors Tr and
viscous resistance by, e.g., cross-linkers, as
𝝈𝐫 = 𝑻𝐫 + 𝜶

𝒅𝑹𝐫
𝒅𝒕

, (S2)

where the coefficient α represents the viscosity of the actin network constituting the ring
(Sedzinski et al. 2011; Yoneda and Dan 1972; Turlier et al. 2014). Here, if we combine Eqs.
S1 and S2, we obtain
𝜶

𝒅𝑹𝐫
𝒅𝒕

= −(𝑻𝐫 − 𝟐𝑹𝐫 𝑻𝐜 𝐜𝐨𝐬 𝜽) , (S3)

Note that this model was simplified from Eq. S1 in the report of (Sedzinski et al. 2011), since
I consider symmetric pole shapes. For brevity, let Fr and Fc denote Tr (ring tension) and 2RrTc
cos θ (cortical tension), respectively (Fig. 29).
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Then, the furrow ingression rate of control cells (Control-light and OptoMYPT-dark), v, can
be expressed as
𝒗 ∝ 𝑭𝐫 − 𝑭𝐜 , (S4)
where Fr and Fc are the ring tension and the cortical tension, respectively (Fig. S8). The
furrow ingression rate of OptoMYPT-pole cells, v’, can be expressed as
𝒗′ ∝ 𝑭𝐫 − 𝑭𝐜 ′ , (S5)
where Fc’ is the cortical tension upon blue light illumination. Note that Fr is considered to be
constant under each condition, because blue light was locally illuminated to the polar
cortices. Taken together with Eqs. S4 and S5, I obtain
𝒗/𝒗′ = (𝑭𝐫 − 𝑭𝐜 )/(𝑭𝐫 − 𝑭𝐜 ′) > (𝑭𝐫 − 𝑭𝐜 )/(𝑭𝐫 ). (S6)
The rightmost expression represents the case where blue light illumination completely
reduces cortical tension to zero. I rearrange the above formula as
𝑭𝐜 /𝑭𝐫 > 𝟏 − 𝒗/𝒗′. (S7)
Based on the experimental data in Figure 27, the furrow ingression rate of Control-pole cells,
OptoMYPT-dark cells, and OptoMYPT-pole cells were v = 1.55 ± 0.20 μm/min, v = 1.93 ±
0.33 μm/min, and v’= 2.26 ± 0.25 μm/min, respectively. Thus, the cortical tension relative to
ring tension is estimated as
𝑭𝐜 /𝑭𝐫 > 𝟏 − (𝟏. 𝟓𝟓~𝟏. 𝟗𝟑)/𝟐. 𝟐𝟔 = 𝟎. 𝟏𝟓~𝟎. 𝟑𝟏. (S8).
Finally, I estimated that the resisting force exerted by the cortices corresponds to 15%~31%
of the ring tension during cytokinesis.
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Here, I discuss why I ignored the contribution of cytoplasmic pressure on the contractile ring.
Assuming that the cytoplasmic pressure is uniform within a cell, then the contribution of
cytoplasmic pressure on the contractile ring, Pr, is written as
𝑷𝐫 = 𝒂𝑹𝐫 𝑷. (S9).
where a is the height of the contractile ring when it is assumed to be a cylinder, and P is the
cytoplasmic pressure (Fig. 30).
Based on the Young-Laplace law for force balance at the polar cortice, P = 2Tc/Rc, then Pr is
written as
𝑷𝐫 = 𝟐𝒂𝑹𝐫 𝑻𝐜 / 𝑹𝐜 . (S10).
where Rc is the radius of the daughter cells (Fig. 30).
Combining Eqs. S1 and S10, I obtain the ratio of contributions made by cytoplasmic pressure
on the contractile ring and cortical tension as
𝑷𝐫 / 𝟐𝑹𝐫 𝑻𝐜 𝐜𝐨𝐬 𝜽 = (𝟐𝒂𝑹𝐫 𝑻𝐜 / 𝑹𝐜 )/ 𝟐𝑹𝐫 𝑻𝐜 𝐜𝐨𝐬 𝜽 = 𝒂/𝑹𝐜 𝐜𝐨𝐬 𝜽. (S11).
Based on my observation of HeLa and MDCK cells, a crude estimate for cos θ is ~ 0.5, and
Rc is sufficiently large compared to a, so that the contribution of cytoplasmic pressure on the
contractile ring, Pr, can be ignored except at the onset of furrow ingression. The contribution
of cytoplasmic pressure may be significant when the height of the contractile ring is large, as
is the case in D. discoideum (W. Zhang and Robinson 2005).

80

Figure 29. Physical modeling.
Tc and Tr are the cortical tensions at the actin cortex and contractile ring, respectively. Rr is
the ring diameter. Fr and Fc correspond to the force generated by ring tension and cortical
tension, respectively.
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Figure 30. Estimation of the contribution of cytoplasmic pressure on the contractile
ring.
P is the uniform cytoplasmic pressure. Rc is the diameter of the daughter cells. a is the height
of the contractile ring when it is assumed to be a cylinder.

82

4.2.5. OptoMYPT induced shape instability during cytokinesis.
Finally, I varied the local activation patterns of OptoMYPT in dividing cells. Sedzinski et al.
have demonstrated that the perturbation of the cortex at one pole of dividing cells by laser
ablation or local application of an actin-depolymerizing drug leads to cytokinetic shape
oscillations (Sedzinski et al. 2011). To reproduce this report, I illuminated only one of the
polar regions by blue light throughout cytokinesis (OptoMYPT-single pole). As expected, I
often observed extensive cell shape oscillation with the back-and-forth motion of separated
chromosomes (Fig. 31a). In the early event of cell shape oscillation, a large bleb was formed
from the pole irradiated with blue light (Fig. 31a, yellow arrowhead). This result is consistent
with a report showing that cytokinetic oscillation is triggered by the retraction of large blebs
(Taneja et al. 2020). I classified oscillation into three types: normal cytokinesis (no
oscillation occurs), small oscillation (the daughter chromosomes oscillate slightly), and large
oscillation (both chromosomes enter one daughter cell) (Fig. 31b). OptoMYPT-single pole
experiments increased the fraction of cells showing “large oscillation” (Fig. 31b).
OptoMYPT-dark seems to have a lower percentage of oscillation than Control-pole (Fig.
31b), possibly due to the decrease in basal cortical tension by the expression of OptoMYPT.
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Figure 31. Single polar illumination-induced cytokinetic shape oscillation.
(a) Representative images of SspB-mScarlet-I-MYPT169 during cytokinesis upon
illumination to the single pole. The blue circular regions were locally illuminated with blue
light every 3.11 sec. The yellow arrowhead and white arrow indicate a large bleb just before
spindle oscillation and the direction of chromosome motion, respectively. Scale bar, 10 μm.
(b) Quantification of the fraction of the cytokinetic dynamics under the indicated conditions.
The small oscillation and large oscillation are defined as a slight oscillation of the spindle and
an oscillation of two daughter chromosomes entering one of the cells, respectively.
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4.3. Discussion
4.3.1. Role of cortical tension during cytokinesis.
Using the OptoMYPT system, I experimentally revealed the negative contribution of the
cortical tension to the cleavage furrow ingression rate during cytokinesis; i.e., the decrease in
cortical tension at both poles by OptoMYPT accelerates furrow ingression (Figs. 27 and 33).
It has been reported that the reduction of cortical tension by laser ablation in the polar region
decelerates cleavage furrow ingression in cytokinesis of C. elegans embryos (Khaliullin et al.
2018). This discrepancy could be due to the difference in the force balance between the pole
and equator; in C. elegans zygotes, NMII is actively removed from the polar region and
accumulates at the equator due to the cortical flow, so called polar relaxation, and thus
cortical tension is much weaker than ring tension (Chapa-Y-Lazo et al. 2020; Reymann et al.
2016) (Fig. 32). Furthermore, this hypothesis about the weaker contributions of cortical
tension in C. elegans is also supported using some genetic mutant strains; loss of CED-10 or
ARX-2, either of which is known to generate cortical tension by promoting actin branching
(Loria, Longhini, and Glotzer 2012), slightly decelerates furrow ingression rate (D. Zhang
and Glotzer 2015). Meanwhile, my results indicate that cortical tension in cultured
mammalian cells is comparable to contractile ring tension (Fig. 27), which is in good
agreement with the previous work (Sedzinski et al. 2011). Although the mechanism of polar
relaxation has been reported in cultured mammalian cells (Rodrigues et al. 2015), no clear
cortical flow has been observed (Uehara et al. 2010). Such a high cortical tension is
advantageous because it confers shape stability to mitotic cells (Sedzinski et al. 2011). This
has been corroborated in a recent paper demonstrating that high cortical stiffness in cancer
cells allows them to divide in a confined environment (Matthews et al. 2020). The benefit of
cortical tension is not required in C. elegans embryos, because they are covered and protected
by a rigid eggshell. However, high cortical tension is a double-edged sword, because
85

excessive cortical tension induces cytokinetic shape oscillation and abscission failure
(Mukhina, Wang, and Murata-Hori 2007; Taneja et al. 2020; Girard et al. 2004). The
estimated cortical tension relative to ring tension (Fc/Fr), approximately 20%, may achieve a
balance between morphological maintenance and timely cytokinesis. Furthermore, the faster
furrow ingression in C. elegans zygotes (~ 12 μm/min) (Khaliullin et al. 2018) compared to
cultured mammalian cells (~ 2 μm/min) may be also explained by the balance between
cortical tension and ring tension.
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Figure 32. Comparison of cytokinetic mechanics between the cultured mammalian cell
and the C. elegans zygote.
Schematic illustration describing the differences of cytokinetic mechanics between cultured
mammalian cells and C. elegans zygotes. In cultured mammalian cells, cortical tension is
comparable to contractile ring tension, leading to slower furrow ingression rate. The
estimated cortical tension relative to ring tension, approximately 20%, may achieve a balance
between morphological maintenance and timely cytokinesis. In C. elegans zygotes, the
cortical flow induced by polar relaxation causes actomyosin to accumulate at the equator.
Thus, cortical tension is much weaker than the ring tension, leading to faster furrow
ingression rate.
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Figure 33. Summary of local perturbation experiments of cortical tension using
OptoMYPT.
Schematic model of mechanical regulation of the contractile ring and the actin cortex during
cytokinesis. In control cells, high cortical tension acts as a decelerator of the ring constriction.
The high cortical tension and cytoplasmic pressure induce blebbing from the early phase of
cytokinesis. The increased cytoplasmic pressure associated with ring constriction in the late
phase is released by the increased number of blebs. In OptoMYPT-expressing cells
illuminated by blue light at both poles, bleb formation is suppressed in the early phase of
cytokinesis and the cleavage furrow ingression is accelerated due to the decrease in the
cortical tension. As cleavage furrow ingression progresses, large blebs emerge due to the
increased cytoplasmic pressure in the late phase of cytokinesis. In OptoMYPT-expressing
cells illuminated by blue light at a single pole, the reduced cortical tension at one side leads to
the formation of a large bleb and the cytoplasmic flow. The retraction of the bleb induces cell
shape oscillation accompanied with the back-and-forth movement of chromosomes.
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4.3.2. Estimation of the absolute value of cortical tension and ring tension during
cytokinesis.
Due to the highly dynamic nature of cytokinesis, direct measurement of cortical tension
during cytokinesis is still technically difficult. Therefore, I attempted to estimate the absolute
value of cortical tension during cytokinesis based on previously reported absolute values of
ring tension and the OptoMYPT experiments. It has been reported that the ring tension is
~390 pN and 8-15 nN in S. pombe spheroplasts and in fertilized echinoderm eggs,
respectively (Rappaport 1967; Stachowiak et al. 2014). Based on these reports, I assumed that
the ring tension in cultured mammalian cells is 1-5 nN; since the resisting force exerted by
the cortices corresponds to at least ~20% of the ring tension based on my experiments, the
cortical tension, 2RrTc cos θ, is 200-1000 pN. Furthermore, substituting cos θ = 1/2 and Rr = 5
μm, the cortical tension, Tc , is estimated to be 40-200 pN/μm.
Next, I attempted to estimate the absolute value of ring tension based on previously
reported cortical tension in cultured mammalian cells. Based on AFM and microaspiration
measurements, absolute value of cortical tension is ~ 400 pN/μm, and ~ 1200 pN/μm in
trypsinized interphase cells, and metaphase cells, respectively (Chugh et al. 2017; Tinevez et
al. 2009). Then, substituting cos θ = 1/2, Rr = 5 μm, and Tc = 400-1200 pN/μm, the cortical
tension, 2RrTc cos θ, is ~2-6 nN. Based on my experiments, ring tension is estimated to be
more than 5 times stronger than cortical tension. Therefore, ring tension, Tr, is estimated to be
10-30 nN.
The estimated value of cortical tension, 40-200 pN/μm, seems somewhat low
compared to previous measurements, ~ 400 pN/μm, and ~ 1200 pN/μm in trypsinized
interphase cells, and metaphase cells, respectively (Chugh et al. 2017; Tinevez et al. 2009).
Moreover, the estimated value of ring tension, 10-30 nN seems somewhat high compared to
previous reports, ~390 pN and 8-15 nN in S. pombe spheroplasts and in fertilized echinoderm
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eggs, respectively (Rappaport 1967; Stachowiak et al. 2014). This discrepancy may be further
magnified because OptoMYPT might not completely decrease cortical tension; in that case,
my estimation of ring tension should be increased. One possibility to explain this discrepancy
is cell-cycle dependent changes of tensions; actomyosin is incorporated into the contractile
ring when the cells enter the anaphase from the metaphase. In fact, Matzke et al. reported that
polar softening occasionally occurs by pole-to-pole scanning using AFM, while equatorial
stiffening reproducibly occurs (Matzke, Jacobson, and Radmacher 2001). This supports my
idea that the cortical tension decreases after anaphase onset.
We should also pay attention to the estimation of ring tension. The molecular
structure and thickness of the contractile ring varies among species. Thus, it is not easy to
make a reliable estimation of mammalian ring tension based solely on those tension
measurements in yeast and sea urchin. More detailed information on the nano-structure of the
contractile ring should be obtained in the future. Similarly, although measurements of cortical
tension by AFM and microaspiration are significant, the measured value varies greatly
depending on the cell type and methods. Therefore, combined with the uncertainty of ring
tension, there is a huge uncertainty (~1-100%) in the estimation of the ratio of cortical tension
and ring tension. In this respect, I expect that my method, based on local perturbation using
OptoMYPT and measurement of furrow ingression rate, is an accurate estimation of the
relative contribution of the cortical tension to ring tension.
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4.3.3. Cause of membrane blebbing during cytokinesis.
I also focused on the dynamics of membrane blebbing during cytokinesis (Figs. 26, 31).
Membrane blebbing is initiated by local rupture of the actin cortex and/or detachment of the
actin cortex from the plasma membrane (Charras and Paluch 2008). The growth of membrane
blebs requires a condition under which hydraulic pressure caused by actomyosin-based
cortical tension overcomes plasma membrane tension (Tinevez et al. 2009). Using the
OptoMYPT system, I showed the absence of membrane blebbing in OptoMYPT-pole cells in
the early phase of furrow ingression (Fig. 26c). On the other hand, Rodrigues et al. reported
that optogenetic inactivation of moesin, a member of the ERM family proteins, induces a bleb
from the actin cortex during metaphase (Rodrigues et al. 2015). These opposite effects
support that, in OptoMYPT-pole cells, the reduction in cortical tension prevails over the
weakening of membrane-cortex linkage which is a possible side effect of OptoMYPT.
However, even in OptoMYPT-pole cells, I reproducibly observed membrane blebbing in the
late phase (Fig. 26c). Recently, Wang et al. have shown that the increase in the extracellular
osmotic pressure, i.e., relative decrease in the cytoplasmic pressure, induces the delayed onset
of blebbing during cytokinesis (Wang et al. 2021). These results support the idea that the ring
constriction gradually increases cytoplasmic pressure, which causes bleb formation in the
later phase.
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4.3.4. Mechanism of cytokinetic shape oscillation.
In the experiments of single-pole illumination, I often observed cytokinetic shape oscillation.
Before the onset of shape oscillation, I observed large blebs in the illuminated region (Fig.
31a, yellow arrowhead), which is consistent with a report showing that cytokinetic oscillation
is triggered by the retraction of large blebs (Taneja et al. 2020). This large bleb is probably
triggered by the instability of the weakened cortical tension or excessive weakening of
cortex-membrane crosslinking. However, the mechanism by which relaxation at a single pole
leads to back-and-forth motion is still unclear.
One possibility is that the large blebs promote actomyosin turnover and uptake into
the opposite pole with cytoplasmic flow, thereby increasing tension on the opposite side as
previously proposed (Sedzinski et al. 2011). The second possibility is based on local calcium
dynamics (Fig. 34). Recently, Aoki et al. reported that the influx of ER into the bleb forms
STIM1-Orai1 complex leading to increase in the local calcium concentration (Kana Aoki et
al. 2021). In general, the increase in calcium concentration increases actomyosin contractility,
which increases cortical tension in one daughter cell where the bleb originates. This may
cause an influx of cytoplasm to the opposite pole, leading to back-and-forth movement. In
future, detailed observation of the dynamics between the bleb and the organelle may help to
elucidate the mechanism of shape oscillation. Such studies are expected to contribute to the
understanding of various cellular processes, such as amoeboid migration and apoptosis, in
which blebs are involved.
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Figure 34. Possible mechanism of cytokinetic shape oscillation.
Schematic illustration describing cytokinetic shape oscillation based on the local calcium
dynamics. The large blebs trigger influx of ER into the bleb leading to the formation of
STIM1-Orai1 complex. The influx of calcium into the cytoplasm via Orai1 causes
reorganization of actomyosin and increases cortical tension. The retraction of the large bleb
and/or the increased cortical tension causes a new large bleb in the opposite pole.
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4.3.5. Effect of OptoMYPT to the contractile ring.
Local light-illumination to the equatorial region was expected to decelerate the furrow
ingression rate. However, it was almost the same as control cells (Fig. 28). This result also
supports the possibility that OptoMYPT is less likely to act on highly bundled actin fibers
(see section 3.3.2.). In addition, it is technically difficult to confine local activation of
OptoMYPT at the contractile ring by conventional confocal microscopy, because of the
diffusion of OptoMYPT proteins and the shape of the point spread function on the defocused
planes with a high numerical aperture objective lens (Fig. 28). These effects might lead to the
dephosphorylation of MLC not only in the contractile ring but also in actin cortices close to
the cleavage furrow, thereby masking the effects of OptoMYPT at the contractile ring. It is
also plausible that OptoMYPT weakened the viscoelasticity of the contractile ring, resulting
in a balance between actomyosin contractile force and viscoelasticity of the contractile ring.
The use of a localizer that is closer to endogenous active NMII or a specific localization
could result in an OptoMYPT system with better specificity and spatial resolution than the
current version (see section 3.3.2.).
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5. General Discussion
Future perspective of the OptoMYPT system.
The OptoMYPT system will provide opportunities not only to understand the mechanics of
morphogenesis, but also to shape the morphology of cells and tissues with precision and
flexibility as desired. Recent papers have applied optogenetic systems in vivo, and succeeded
in inducing arbitrary forms of apical constriction (Izquierdo, Quinkler, and De Renzis 2018;
Martinez-Ara et al. 2021). By combining red light-responsive optogenetic tools such as
PhyB-PIF with blue light-responsive tools (Levskaya et al. 2009; Uda et al. 2017), it will be
possible to create more sophisticated morphology with an increase or decrease in contractile
force in the same cells and tissues.
Unlike previous optogenetic tools for manipulating actomyosin (Valon et al. 2017;
Wagner and Glotzer 2016), OptoMYPT is able to act directly on the cytoskeleton. In other
words, it does not require an upstream signaling system to regulate actomyosin activity. Such
an advantage would be useful in understanding cellular processes by a bottom-up approach.
In recent years, attempts have been made to understand cellular processes by reconstituting
the cytoskeleton in liposomes containing purified proteins. The reconstituted actin
cytoskeleton has been reported to form blebs, contractile rings, and filopodia-like fibers
(Miyazaki et al. 2015; Litschel et al. 2021; Loiseau et al. 2016). Future studies using a
combination of optogenetics and reconstitution systems are expected to induce more complex
deformations, such as cell migration, and provide insights into their mechanisms.
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