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Abstract 
 

Genomic DNA, the blueprint of life, is packed, duplicated, and expressed with the aid of 

thousands of chromosomal proteins, many of which are derived from essential genes. Gene 

disruption is one of the powerful approaches for dissecting a protein function of interest but 

remains difficult to apply it to proteins essential for cell viability. Hence, novel approaches 

that enable intended protein degradation by combining genetic manipulation and chemical 

biology are getting more attention in a wide range of recent biology. The auxin-inducible 

degron (AID) technology is a plant-derived degron-based protein degradation application that 

allows rapid and specific depletion of a protein of interest (POI) in non-plant cells by 

utilizing the ubiquitin-proteasome system of the host organisms, with an option of re-

expression after target depletion. This can be applied to a wide range of organisms including 

human cells by introducing the two factors via genetic modifications: ectopic expression of 

the auxin-perceptive plant protein, transcription inhibition response 1 (TIR1), and 

introduction of the AID tag (TIR1 recognition peptide) to POI. The addition of auxin 

mediates the recognition of the AID tag by the auxin receptor TIR1, which recruits an 

endogenous ubiquitin ligase complex for ubiquitylation and proteasomal degradation of the 

POI. Typically, a POI is degraded within an hour upon the addition of auxin, bearing the AID 

system as one of the fastest protein depletion technologies. This acute and efficient 

degradation allows us the direct functional analysis of many proteins, in particular those 

required for cell viability, before secondary effects of protein depletion are accumulated. 

In principle, no protein degradation should take place in the absence of auxin. 

However, due to the nature of the TIR1 (ubiquitin ligase) – AID tag-fused POI recognition 

and the presence of auxin-like chemicals in the cell culture medium, even in the absence of 

auxin, basal degradation is observed, which occasionally hampers functional analyses. An 
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additional drawback of the system is the use of relatively high concentrations of auxin. Even 

though the concentrations used for human culture cells do not affect their growth, this is a 

potential problem for the application to mice and other multicellular organisms. Therefore, 

the main goal of Chapter 1 is to resolve the issues of basal degradation and high auxin 

concentration to make AID a robust technology that can be used as a standard tool for 

genetic perturbation to study protein function and ultimately be applied to mice. 

First, I addressed the problems of basal degradation in the absence of auxin. The first 

described result is the use of the inhibitor auxinole for timely control of degradation and re-

expression of the AID tag-fused proteins. Second, I took another approach to improve the 

AID system from the genetic perspective by developing an all-in-one plasmid encoding the 

TOL2 transposon sites and all required components for stable integration and controlling the 

expression of transgenes. Genetic manipulations for generating AID mutants can be 

performed using the clustered regularly interspaced short palindromic repeats (CRISPR)–

CRISPR-associated protein 9 (Cas9)-mediated genome editing. By combining it with TOL2 

transposase encoding plasmid and CRISPR–Cas9 knockout plasmid for simultaneous 

transfection, I created a new protocol for generating AID mutants in polyploid human cells. 

The final and major result is creating the updated version of the AID technology, AID2, 

by increasing the specificity of the TIR1 – AID tag interaction to suppress basal degradation 

and decrease the ligand concentration. This was done by introducing a mutation to the TIR1 

receptor and using an auxin analog that binds specifically to the mutant receptor. Due to the 

high specificity of the new receptor – inducer pair, the problem of basal degradation was 

mostly eliminated. Importantly, I found that several hundred times lower inducer 

concentration is required for efficient protein degradation. Moreover, the improved system 

allows for the construction of AID mutants previously proved to be complicated or 

impossible. This improvement significantly enhances the utility of the AID technology and 
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reveals new perspectives for its use, such as the application to stem cells, mice, and other 

multicellular organisms. 

In Chapter 2, I took a different approach to characterize one of the essential 

chromosomal proteins, cohesin, by establishing biochemical reconstitution assays using 

purified protein components. Cohesin is a ring-shaped protein complex that mediates sister 

chromatid cohesion, one of the chromosomal structures essential for faithful chromosome 

segregation during cell division. I have reconstituted the meiosis-specific cohesin complex to 

analyze its ATP-dependent DNA loading, which is vital for creating sister chromatid 

cohesion. I found that meiotic cohesin topologically entraps DNA in a similar way to the 

somatic version of cohesin whereas its dissociation appears to be differently regulated. The 

established in vitro assay will provide a novel opportunity for molecular studies of meiotic 

chromosome organization driven by meiotic cohesin complexes. 
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Chapter 1 

The Improvement of Auxin-Inducible Degron System 

Introduction 

Targeted Protein Degradation for Functional Studies 

The most direct approach to defining the biological role of a protein is gene inactivation. By 

targeting a gene of interest through the disruption of its open reading frame and blocking its 

expression in cells and whole organisms, it is possible to achieve various gene modifications, 

including gene inactivation. This reductionist approach remains one of the most efficacious 

ways to deduce gene function from the perturbations of a normal phenotype since the first 

gene targeting experiments in yeast and cultured mammalian cells in the 1980s1 - 8. It was 

later explained by the precise enzymatic activity inside cells laying behind the mechanism of 

homologous recombination 9 - 11. Although a significant development, gene targeting through 

homologous recombination is much less efficient in higher organisms compared to bacteria 

and yeast, leaving almost half of the mouse genome left untargeted12. 

With the advent of methods to introduce targeted genetic modifications such as zinc-

finger nucleases (ZFNs), transcription activator-like effector nucleases (TALENs), and 

CRISPR-associated nucleases, the gene targeting became very efficient13. However, still for 

many proteins, especially in higher organisms and derived cultured cells, studying the protein 

function by depletion is difficult or impossible to achieve through knockout because these 

proteins are essential for cell viability. In addition, gene knockout generates permanent 

protein loss limiting the scope of its usage for functional protein studies. Therefore, the 

search for a method to recapitulate knockout for essential proteins is as relevant as ever. 

To address this problem, the concept of genetic interference for loss-of-function 

experiments was developed. Knockdown approaches include RNA-based RNA interference 
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(e.g., small interfering RNA (siRNA) and short hairpin RNA (shRNA)), DNA-based RNA 

interference (e.g., antisense oligonucleotides (ASO)), and  CRISPR-mediated gene 

knockdown (e.g. CRISPR interference (CRISPRi) using dCas9 and Cas13 family enzymes)14 

- 23. Nonetheless, these approaches are not robust enough to give a precise idea of a protein 

function. Protein may not be depleted completely and the degradation time is slow, thus, 

secondary phenotypes may give obscure results before the immediate effect of the depletion 

is seen.  

Knockout and knockdown methods mentioned above are difficult to be used for 

targeting essential proteins. As a result, many new techniques are being developed now to 

account for the difficulties with protein degradation for basic research and applications in 

drug discovery. Among them are novel ligand-induced protein degradation approaches such 

as degradation tag (dTAG), HalotTag-hydrophobic tag (HyT), Halo-Proteolysis-targeting 

chimera (HaloPROTAC), destabilizing domain (DD), auxin-inducible degron (AID), and 

many others24 -28. In the next part, a brief description of some of these technologies will be 

given (Table 1 and Fig. 1), followed by a more detailed discussion of AID, which is the main 

subject of Chapter 129 - 31. 

Many of the protein depletion methods mentioned above rely on the cell's ubiquitin 

proteasome degradation pathway. The protein ubiquitination proceeds through the function of 

the series of enzymes which include E1 (ubiquitin-activating enzyme), E2 (ubiquitin-

conjugating enzyme), and E3 (ubiquitin ligase)32 - 36. E1 activates ubiquitin and brings it to 

E2, creating an E2-ubiquitin conjugate. E3 ligase directly binds the substrate and ubiquitin-

bound E2, thereby bringing them close to each other to facilitate the ubiquitin transfer from 

E2 to the substrate. Substrate specificity for ubiquitination depends on the E3 ligase. One 

type of E3 ligases is cullin–RING ligase (CRL) protein complexes containing a cullin (CUL) 

family protein which serves a scaffold to which RING finger protein binds at the amino-
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terminal (N-terminal) and substrate-specific receptor binds at the carboxy-terminal (C-

terminal). The RING finger protein recruits E2 and the receptor binds to a substrate. The 

examples of the RING finger protein include RBX1, and RBX2. The examples of the cullin 

family protein include CUL1, CUL2, CUL3, CUL4A/4B, CUL5, and CUL737, 38. The 

examples of the substrate-specific receptor are estimated to comprise 300 different proteins in 

humans39. 

Degradation tag (dTAG) 

Degradation tag (dTAG) technology needs three major components: an FKBP12F36V-fused 

POI, the endogenous CUL4–RING E3 ligase complex, and a small synthetic molecule that 

can bind both (summarized in Table 1 and Fig. 1A)24. The target protein is tagged with the 

designed 12-kDa tag (FKBP12F36V) through transgene expression or CRISPR–Cas9-mediated 

locus-specific knock-in40, 41. After a heterobifunctional degrader ligand (e.g., dTAG-13) is 

added to cultured cells, FKBP12F36V-fused POI interacts with cereblon (CRBN), which is a 

component of CRL4–CRBN E3 ubiquitin ligase complex, resulting in targeted POI 

degradation by the proteasome. Besides cultured cells, dTAG has been applied to mouse 

xenografts, because the main advantage of this efficient system is low ligand concentration. 

HaloTag-hydrophobic tag (HyT) 

HaloTag-hydrophobic tag (HyT) technology needs three major components: a 33 kDa-protein 

HaloTag (e.g., HaloTag2, HaloTag7), and a hydrophobic tag (e.g., HyT13, HyT36), which 

has a hydrophobic group characteristic in protein misfolding or denaturation (summarized in 

Table 1 and Fig. 1B)25, 42, 43. When POI-HaloTag fusion protein binds HyT13, it is subjected 

to the proteasomal degradation through a protein quality control system. At the concentration 

of at 500 nM–10 mM, HyT13 successfully induces degradation of HaloTag-fused proteins in 

cultured cells and organisms, such as zebrafish and mice44. Due to its high versatility, the 
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bacterial dehalogenase derived HaloTag serves is used not only for protein degradation, but 

also for protein purification and microscopy25, 45. It covalently binds to compounds with an 

alkyl chloride moiety, which is the basis for its many applications. 

Halo-Proteolysis-Targeting Chimera (HaloPROTAC) 

Halo-Proteolysis-targeting chimera (HaloPROTAC) takes the advantage of the HaloTag 

technology. It requires three major components: HaloTag7-fused POI, the endogenous 

CUL2–RING E3 ligase complex (CRL2–VHL), and a HaloPROTAC heterobifunctional 

ligand that can bind both (summarized in Table 1 and Fig. 1C)26. After a heterobifunctional 

degrader ligand (e.g., HaloPROTAC3) is added to cultured cells, HaloTag7-fused POI 

interacts with cereblon (VHL), which is a component of CRL2–CRBN E3 ubiquitin ligase 

complex (CRL2–VHL), resulting in targeted POI degradation by the proteasome. At the 

concentration of 625 nM, HaloPROTAC3 induces the degradation of the 90% of the GFP–

HaloTag7 reporter, and it is possible for the POI to be re-expressed after the ligand is 

removed. In comparison to other technologies presented here, the disadvantage of 

HaloPROTACs is slow degradation with the half-time ranging from 4 to 8 h). Application in 

animals is awaited. 

Destabilizing Domain (DD) 

Destabilizing domain (DD) works in an opposite principle than other systems described here. 

It needs two major components: a DDFKBP-fused POI and a ligand that stabilizes it (e.g., 

Shield-1) (summarized in Table 1 and Fig. 1E)27. A DDFKBP-fused POI is degraded within 

hours in the absence of its ligand via the proteasomal pathway through a protein quality 

control system. In this system, it is possible to re-express the POI in a dose-dependent 

manner (100 nM–1 mM). The DD technology has large utility in cultured cells and mice46 - 48. 

As a derivative of DD, ligand-induced degradation (LID) reverses the degradation principle. 
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In LID, a tag consists of a synthetic 19-aa degron fused to the C-terminus of an FKBP12 

variant and buried in the binding pocket, disallowing the degradation of POI49. When Shield-

1 is added, it accesses the binding pocket, exposing the degron tag and inducing POI–LID 

degradation. The LID tag technology allows tagging a POI at the C-terminus only, whereas 

there is no such limitation in other technologies. 

System Degron 
(MW) 

CRL E3 ligase Inducer Ligand 
concentration 

Number of 
protein 

components 

Half- 
life 

Tested 
organisms 

dTAG FKBP12F36V 

(12 kDa) 
CUL4–RBX1– 

–CRBN 
dTAG13 50 nM – 

1 µM 
1 < 1 h mouse 

HaloTag-
HyT 

HaloTag 
(3 kDa) 

– 
(chaperone-based 

protein quality 
control) 

HyT13, 36 500 nM – 
10 µM 

1 > 1.5 
h 

mouse, 
zebrafish 

Halo 
PROTAC 

HaloTag 
(33 kDa) 

CUL2–RBX1– 
–VHL 

HaloPROTAC3 500 nM – 
1 µM 

1 > 4 h – 

AID mAID 
(7 kDa) 

CUL1–RBX1– 
–OsTIR1 

Auxin (IAA, 
NAA) 

100 µM – 
500 µM 

2 < 30 
min 

zebrafish, 
C. elegans, 

fruit fly, 
yeast 

DDFKBP DDFKBP 
(12 kDa) 

– 
(chaperone-based 

protein quality 
control) 

Shield-1 100 nM – 
1 µM 

1 > 45 
min 

mouse, rat, 
C. elegans 

LID FKBP12- 
degron 

(13 kDa) 

– 
(chaperone-based 

protein quality 
control) 

Shield-1 100 nM – 
2 µM 

1 ~ 1 h – 

Table 1. Comparison of targeted protein degradation approaches.  
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Figure 1. Overview of the systems involved in targeted protein degradation approaches. 
The chemical structures of ligands are shown in insets related to each panel. (A) In the dTAG 
system, a heterobifunctional ligand (e.g., dTAG-13) links the genetically introduced 
FKBP12F36V degron to an endogenous CRL4–CRBN E3 ubiquitin ligase. (B) In the HaloTag-
HyT system, an HyT ligand (e.g., Hyt13 and Hy36) contains a hydrophobic moiety that 
recruits the HaloTag-fused POI to the endogenous protein quality control system. (C) In the 
HaloPROTAC system, a designed ligand links the HaloTag-fused POI to an endogenous 
CRL2–VHL E3 ubiquitin ligase. (D) In the AID system, two genetic modifications are 
performed to generate a mAID degron-fused POI and introduce OsTIR1. Auxin ligand (e.g., 
IAA and NAA) links the mAID-tagged POI to OsTIR1 which incorporates into the 
endogenous CRL1–TIR1 E3 ubiquitin ligase. (E) In the DD system, the removal of a specific 
ligand (e.g., Shield-1) destabilizes the otherwise stably expressed DD tag-fused POI and 
recruits it to the endogenous protein quality control. 
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Heterobifunctional and small-molecule degradation inducers both act to increase the 

proximity between the target protein and a E3 ubiquitin ligase and a POI. However, there are 

multiple differences when it comes to the design, structure, and properties. First, PROTACs 

require rational design, especially when it comes to the linker length, but various automated 

discovery and synthesis platforms and pipelines are being developed rapidly. On the other 

hand, small-molecule ligands come from nature and are mostly characterized intensively. 

However, when it comes to designing a small-molecule degrader from scratch, it may prove 

to be as difficult as for PROTACs. Second, in contrast to PROTACs, molecular glue ligands 

do not have a linker which results in lower molecular weight and such desirable qualities as 

enhanced cell permeability and oral bioavailability. Finally, due to their dual nature, 

heterobifunctional degraders need to bind with the E3 ligase and the target protein 

simultaneously to induce target degradation. Molecular glue degrader ligands, however, can 

bind either the E3 ligase complex (more often) or the target protein, and subsequently 

facilitate their interaction between them. Probabilistically, this increases the efficiency of 

bringing E3 ligase complex and POI to close proximity. 

Overview of Auxin-Inducible Degron (AID) 

Auxin-inducible degron (AID) is a protein-degradation technology that utilizes the 

phytohormone auxin and endogenous ubiquitin proteasome pathway for heterologous 

targeted protein degradation. The mechanism of auxin-induced protein degradation is based 

on one of the plant auxin signaling pathways important for growth and development. 

In plants, auxin coordinates gene transcription from promoters that contain auxin 

response elements (AREs) through auxin response factors (ARF) and Aux/IAA (auxin/indole 

acetic acid) repressors50, 51. ARFs bind specifically to TGTCTC in AREs in promoters of 

auxin-regulated genes and work with Aux/IAA repressor proteins via hetero- and homo-
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dimerization, which depends on auxin51, 52. When the concentration of auxin is low, Aux/IAA 

repressors dimerize with ARFs on the AREs, blocking ARF function and transcription of 

auxin-responsive genes. In contrast, when the concentration of auxin increases, the Aux/IAAs 

are destabilized and degraded, and instead of forming heterodimers with Aux/IAA repressors, 

ARFs form homodimers AREs, thereby allowing the transcription of auxin-responsive genes. 

Most ARFs consist of an N-terminal DNA-binding domain, activation/repression 

domain, and a C-terminal dimerization domain51, 53. Unlike ARFs, which exert an effect on 

transcription via auxin-dependent dimerization, transcription inhibition response 

(TIR1)/auxin signaling F-box (AFB) proteins directly interact with auxin and Aux/IAA 

protein to mark it for degradation via ubiquitin proteasome pathway. Found through genetic 

and biochemical studies in Arabidopsis thaliana, TIR1 was identified as an auxin receptor 

and F-box protein involved in the assembly of the SKP1–CUL1–F-box (SCF) E3 ubiquitin 

ligase54 - 56.  Next, Arabidopsis has 29 members of the Aux/IAA protein family - IAA1–20 

and IAA26–34. Common sequence composition among the members contains 4 domains. 

While domains I, III, and IV are responsible for homo- and hetero-dimerization, domain II is 

required and sufficient for auxin-dependent degradation in plants via interaction with TIR157. 

Although Aux/IAA proteins can bind to TIR1 in the absence of auxin, their interaction is 

enhanced by auxin, which acts as a molecular glue58.  

Auxin is a collective name for several molecules with a common indole moiety include 

indole-3-acetic acid (IAA), 4-chloroindole-3-acetic acid, phenylacetic acid, indole-3-butyric 

acid, and indole-3-propionic acid. IAA is the most prominent representative of auxins, and is 

primarily used in the AID. Some synthetic analogs of auxin are 1-naphthaleneacetic acid 

(NAA), 2,4-dichlorophenoxyacetic acid, and 2,4,5-trichlorophenoxyacetic acid. Among 

synthetic auxins, NAA is used in the AID. The structures of IAA and NAA are shown in Fig. 
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2. In this thesis, IAA was used as a degradation inducer in all experiments with the AID 

system. 

 

 

Figure 2. The structure of IAA and NAA. Both molecules are carboxylic acids differing in 
their aromatic moiety. 
 
 
 

Employing this plant pathway, AID was created28, 59, 60. For the AID technology, TIR1 

from Oryza sativa was selected due to better thermal stability which is necessary for yeast 

and human cultured cells. Second, the mini-AID (mAID) tag, a short amino acid degron 

sequence, was derived from the IAA17 protein of Arabidopsis thaliana. Molecular modeling 

and structural analysis revealed that IAA mediates the interaction between the OsTIR1 

receptor and mAID tag, as shown in Fig. 361, 62. Similarly, when added to the cell culture 

medium, IAA brings the OsTIR1 receptor and mAID tag together. OsTIR1 recruits the 

endogenous SKP1–CUL1–RING E3 ubiquitin ligase, as depicted in Fig. 461 - 65. This leads to 

the POI–mAID fusion being ubiquitylated and degraded by the proteasome. 

In order to establish a human AID mutant cell line for a POI, two genetic modifications 

are required28. Initially, a parental cell is generated by introducing the OsTIR1 gene at the 

safe-harbor AAVS1 locus. The second step is tagging an endogenous gene encoding the POI 

(gene of interest, GOI) with the mAID tag (Sup. Fig. 1 - 3)66. Both steps are performed using 

CRISPR–Cas9-based genome editing technique. 

Generally, a parental cell line constitutively expressing OsTIR1, such as under a CMV 

promoter, is preferred since the OsTIR1 expression is uniform. However, sometimes there is 
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a problem of generating such a cell line due to partial degradation of a POI even in the 

absence of auxin28. In that case, a parental cell line conditionally expressing OsTIR1, such as 

under a tetracycline-inducible (Tet) promoter, has to be used. For the latter cell line, the 

OsTIR1 needs to be expressed by the addition of doxycycline (Dox) which activates the Tet 

promoter prior to the POI depletion by auxin. This conditional expression system is imperfect 

in two ways. First, the Dox-induced expression of OsTIR1 is slow, therefore, the subsequent 

POI degradation efficiency varies among the cells in the same population. Second, during this 

period some undesirable partial depletion of the POI still takes place before the auxin 

degradation is initiated. The two drawbacks downgrade the efficiency and speed of protein 

degradation by the AID system. 

Molecular structural analyses revealed that IAA occupies a hydrophobic pocket within 

the binding pocket of TIR161. IAA binding stabilizes the binding pocket and favors the 

binding of TIR1 to Aux/IAA proteins. Molecular docking experiments provide evidence of 

the possibility of designing potent auxin agonists and antagonists that can modulate the TIR1 

– Aux/IAA interaction67 - 71. Harnessing this idea, it is conceivable that this chemical biology 

approach can be used to address the problems of AID. 
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Figure 3. Schematic representation of the tripartite complex formation between 
OsTIR1, IAA, and mAID. The OsTIR1 is colored purple, IAA – green, and mAID tag – 
yellow (here IAA7 is used for the illustration)61, 62. IAA occupies a lower part of the binding 
pocket within OsTIR1, stabilizing the subsequent binding of mAID to OsTIR1. The top row 
shows the ribbon model, the bottom row shows the space filling model for proteins. The left 
side shows the side view, the right side shows the top view.  
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Figure 4. Schematic representation of the ubiquitination of the mAID–fused POI upon 
the addition of IAA in AID. IAA binds inside the hydrophobic binding site within OsTIR1 
and facilitates the interaction of mAID–POI with OsTIR161 - 65. OsTIR1 acts as F-box subunit 
of SCF E3 ubiquitin ligase complex, recruiting endogenous SKP1, CUL1, RBX1 and other 
accessory subunits. Assembled E3 complex recruits E2 which in turn polyubiquitinates 
mAID–POI, thereby marking it for proteasomal degradation. 
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Results 

Inhibition of OsTIR1 by Auxinole as a Strategy to Suppress Basal Degradation 
in AID 
 

Molecular modeling suggests that structural IAA analogs with additional moieties that 

cause steric hindrance can act as potent competitive inhibitors of auxin-inducible degradation. 

The indole ring of such inhibitors binds the pocket within TIR1 and an additional moiety 

hinders the binding of the Aux/IAA proteins. Auxinole has been reported to act as such an 

effective inhibitor for plants including Arabidopsis thaliana and Physcomitrella patens68. 

Due to the presence of the additional dimethylphenylethyl-2-oxo moiety, auxinole exhibits 

steric hindrance, thus appears to inhibit the association of OsTIR1 and mAID tag (Fig. 5)68. 

This prompted me to test if auxinole is also applicable to the AID system to suppress basal 

degradation. Adding auxinole would curb basal degradation, and removing it from the culture 

medium allow cells to re-express the protein of interest. I initially tested toxicity of auxinole 

to human colorectal carcinoma cells (HCT116) and confirmed that addition of auxinole to a 

final concentration of 200 µM did not affect cell growth at least for 3 days.  

 

 

 

Figure 5. The structure of IAA and auxinole. Auxinole has an additional 
dimethylphenylethyl-2-oxo moiety (red) which contributes to the steric hindrance to inhibit 
the interaction of OsTIR1 with auxin and similar compounds. 
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Next, I tested the functionality of auxinole in the suppression of basal degradation using 

a subunit of dynein complex, dynein heavy chain 1 (DHC1) as a target. The cytoplasmic 

dynein complex in mitosis is important for chromosome movements and spindle organization 

and positioning72 - 74. Addition of doxycycline induced OsTIR1 expression, which caused 

partial depletion of DHC1–mAC and mitotic arrest in many cells in the HCT116 Tet-OsTIR1 

background, as reported previously (Fig. 6A)28. This showed that OsTIR1 expression, even in 

the absence of auxin, induced a mitotic phenotype that was analogous to knockdown or 

inhibition of dynein75, 76. The addition of auxinole together with doxycycline clearly 

suppressed the downregulation of DHC1–mAC and the mitotic arrest (Fig. 6A). To test 

whether DHC1–mAC could be rapidly depleted, I added doxycycline with or without 

auxinole for 24 h. I monitored the expression levels of DHC1–mAC by flow cytometry, and 

found that basal degradation was mostly suppressed in the cells treated with doxycycline and 

auxinole (Fig. 6B, boxes in red highlight the difference). Subsequently, the culture media was 

replaced with fresh one containing doxycycline and IAA, but not auxinole. These results 

show that DHC1–mAC was rapidly degraded after medium replacement and was mostly 

depleted within 4 h. 

An advantage of AID technology is that the expression level of mAID-fused proteins 

can be reversibly controlled28, 59, 60. In this respect, auxinole should be useful for re-

expression after depletion, because IAA-bound OsTIR1 can remain active for a while, even 

after the removal of IAA from the culture medium. To test this idea, I used HCT116 CMV-

OsTIR1 cells in which the cohesin subunit RAD21 was fused to mAID–mClover (RAD21–

mAC)28. Cohesin is one of major chromosome components that controls global chromosome 

organization in interphase, as well as mediates sister chromatid cohesion, a physical 

connection formed between newly replicated sisters to ensure their accurate separation during 

cell division. Initially, I depleted RAD21–mAC by adding IAA for 24 h (Fig. 7A). 
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Subsequently, I replaced the medium with fresh media with or without auxinole, and 

collected time-course samples to monitor the expression levels of RAD21–mAC by flow 

cytometry (Fig. 7B). I found that recovery of RAD21–mAC was significantly more rapid and 

sharper when auxinole was added, compared with cells without auxinole. These results 

suggest that the OsTIR1 inhibitor auxinole is useful for the tight control of the expression of 

mAID-fused proteins in human cells. 
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Figure 6. Auxinole inhibits basal degradation in DHC1–mAID–mClover (DHC1–mAC) 
Tet-OsTIR1 cells. (A) Microscopic images of DHC1–mAC Tet-OsTIR1 cells. The cells 
were treated with 0.2 µg/mL of doxycycline (Dox) or Dox with 200 µM auxinole for 48 h 
before microscopy. (B) Flow cytometry experiment of DHC1–mAC Tet-OsTIR1 cells. The 
cells were treated with 0.2 µg/mL of Dox or Dox with 200 µM auxinole for 24 h before 
replacing the culture medium with Dox and 500 µM IAA. 
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Figure 7. Auxinole facilitates the re-expression of RAD21–mAID–mClover (RAD21–
mAC). (A) Scheme of the experimental procedure. The RAD21–mAC CMV-OsTIR1 cells 
were treated with 500 µM IAA for 24 h before replacing the medium with fresh one 
containing 200 µM auxinole or without it. (B) Flow cytometry experiment of RAD21–mAC 
cells.  
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TOL2 Transposon-based One-Step Construction of AID Mutants 

The construction of a new AID mutant cell line for a protein of interest requires two steps as 

discussed in the overview of AID. This takes more time and labor compared to other ligand-

induced protein degradation techniques, such as dTAG or HaloPROTAC. To simplify this 

procedure, CRISPR–Cas9-mediated gene knockout is combined with the transposon-based 

supplementation of the mAID-tagged protein of interest together with the OsTIR1 receptor. 

Specifically, I developed a TOL2 transposon-based bicistronic plasmid expressing the 

OsTIR1 receptor separated by a P2A self-cleavage sequence from the protein of interest 

fused with the mAID tag. Transfection with CRISPR-KO plasmid, TOL2-transposon-

expressing plasmid, and TOL2 transposase-expressing plasmid can be done simultaneously 

with stepwise antibiotic resistance selection to harness AID mutants in a one-step 

procedure77. 

To control transgene expression, I constructed several bicistronic all-in-one plasmids 

(Sup. Fig. 4). The expression of the first transgene coding for OsTIR1 is controlled by a 

CAG promoter. The second transgene represents an expression unit with a multiple cloning 

site (MCS) to insert a cDNA coding the POI and express it fused with a mAID or mAID–

EGFP. The first transgene is located upstream the second one, and they are connected via the 

P2A self-cleaving sequence78. Thus, the transcription of the two transgenes happens 

uninterrupted producing a single product. Afterwards, during translation, OsTIR1 and a 

mAID-fused protein are cleaved, resulting in the independent expression of OsTIR1 and 

tagged POI. The transgene expression unit is flanked by TOL2 inverted terminal repeats 

(ITRs) for the recognition and stable integration to the genome by TOL2 transposase79. In 

addition, these plasmids comprise a puromycin- or hygromycin-resistant marker for selection 

of clones. I found that these plasmids are fully functional in human HT116 cells, using a 

nuclear localization signal (NLS) to pAID5.2-N to express OsTIR1 and mAID–EGFP–NLS.  
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Figure 8. Schematic representation of the construction strategy to generate an AID 
mutant using CRISPR-KO and bicistronic pAID5 plasmids. The CRISPR-KO plasmid 
expresses a Cas9–gRNA complex for gene knockout. The bicistronic rescue plasmid is 
integrated into the genome by the action of TOL2 transposase and expresses both OsTIR1 
and mAID-fused protein. 
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The strategy for generating stable cell lines with this method is shown in Fig. 8. To 

knock out the endogenous gene expressing POI, a CRISPR-KO plasmid is designed so that it 

cleaves at a specific locus. This plasmid encodes a guide RNA (gRNA), Cas9, and a 

puromycin resistance gene80. Therefore, it is possible to efficiently kill untransfected cells by 

transiently treating cells with puromycin after transfection. To restore the loss of endogenous 

POI, I constructed a bicistronic rescue plasmid by cloning POI cDNA in one of the designed 

plasmids with hygromycin selection marker (Sup. Fig. 4). It should be noted that the POI 

cDNA in the rescue plasmid should contain silent mutations so that it is not recognized by the 

Cas9–gRNA complex expressed from the CRISPR-KO plasmid. Then, three plasmids, the 

CRISPR-KO plasmid, the pAID5.3-N-based rescue plasmid, and transposase encoding pCS-

TP, are transfected simultaneously into cells. After the transfection, the cells are transiently 

treated with puromycin and colonies are formed in the presence of hygromycin. Isolated 

clones are grown and treated with or without 500 µM IAA for 2 h to degrade POI. 

Next, I wished to generate a conditional HeLa mutant for a gene essential for cell 

viability. As a target, I selected a replication factor, MCM10, which is an essential initiation 

factor for DNA replication in eukaryotes81 - 84. Using the procedure described above, to knock 

out the endogenous gene expressing MCM10, I designed a CRISPR-KO plasmid that cleaves 

the 3′ splicing junction at exon 5 (ENSE00000999778). Human MCM10 cDNA was cloned 

into a pAID5.3-N rescue plasmid. It should be noted that the human MCM10 cDNA in this 

plasmid was not recognized and cleaved by the Cas9–gRNA complex expressed from the 

CRISPR-KO plasmid. I transfected the three plasmids, the CRISPR-KO plasmid, the 

pAID5.3-N-based rescue plasmid, and transposase encoding pCS-TP, into HeLa cells. After 

the transfection, the cells were transiently treated with puromycin and colonies were formed 

in the presence of hygromycin. I obtained five positive clones, in which the transgene-derived 

mAID–MCM10 protein was expressed and the endogenous MCM10 protein was lost. It 
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should be noted that MCM10 was essential for DNA replication, so that the mAID–MCM10 

protein was functional for supporting DNA replication in these clones. Importantly, mAID–

MCM10 was depleted by the IAA treatment (Fig. 9). Thus, these MCM10 mutant lines 

generated by one transfection may be used for functional studies of MCM10. 

 

 

 

Figure 9. Bicistronic plasmids can be used to generate mAID mutants for functional 
proteins in one step. Immunoblot to detect endogenous MCM10 and mAID–MCM10. HeLa 
clones were treated with 500 µM IAA for 2 h and protein extracts were separated by SDS-
PAGE. Tubulin serves as a loading control. 
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Development of Auxin-Inducible Degron 2 

The comparison of the application of various protein degradation strategies demonstrated that 

AID was not applied to mice. This is because high auxin concentrations are toxic to mice. 

Moreover, previous efforts to generate the OsTIR1 founder mouse in which target proteins 

could be tagged failed due to severe basal degradation. For the AID technology to become a 

useful tool for therapeutic target validation in preclinical research, it was essential to 

overcome these two major challenges. Several groups attempted to solve these issues, but 

none succeeded to report the OsTIR1 expressing mouse. One approach to both challenges is 

increasing the specificity of the receptor-ligand interaction, so that, first, OsTIR1 cannot be 

activated in the absence of the ligand, and, second, the required ligand concentration is low 

enough not to exert negative effects on mice. 

As introduced in the overview of AID, IAA analogs can be synthesized so that the 

hydrophobic floor of the TIR1 binding pocket is stabilized even better than in the case of 

IAA. Similar to this approach, rational design to introduce a mutation in TIR1 binding pocket 

creating a "hole" and the use of the IAA analog with an additional moiety – "bump" – that 

can fill up the "hole" can be used to increase the specificity of the AID system to combat both 

basal degradation and high inducer concentration. This improved version of the system is 

referred to as Auxin-Inducible Degron 2 (AID2) hereafter85. 

Following the recent report of the various engineered OsTIR1 mutants and modified 

auxin compounds in Arabidopsis thaliana TIR1 (AtTIR1) – IAA pair to hijack the auxin 

pathway in plants86, I have established an improved AID by using a point-mutation receptor 

OsTIR1(F74G) (Fig. 11A) and an auxin with an additional phenyl group, 5-phenyl-indole-3-

acetic acid (5-Ph-IAA) (Fig. 10). Other "bumped" IAA analogs tested are listed in Sup. Fig. 

5 and the screening results are shown in Sup. Fig. 6. 
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Figure 10. The structure of IAA and 5-Ph-IAA. 5-phenyl-indole-3-acetic acid (5-Ph-IAA) 
has an additional phenyl moiety (yellow) on the indole ring which occupies the cavity within 
OsTIR1 created by the F74G mutation. 
 
 
 

First, I compared the new system to the original one by monitoring degradation of 

EGFP reporter protein which is fused with nuclear localization signal (NLS) and mAID 

(mAID–EGFP–NLS). The strategy for the construction of the reporter cell lines is shown in 

Fig. 11B. First, the mAID–EGFP–NLS construct was transfected to human colon cancer cell 

line HCT116 cells using piggyBac transposon-mediated random integration. Then, I selected 

a clone which was highly expressing the EGFP reporter protein by flow cytometry. This was 

used for the control and parental clone.  Subsequently, I introduced the OsTIR1-expressing 

construct of either WT (used for the original system) or F74G or F74A (two best mutations 

used in86) into the AAVS1 safe-harbor locus using CRISPR–Cas9 system. I confirmed 

genome integration of the OsTIR1 constructs by PCR amplification and selected clones that 

contain the constructs in both alleles (Fig. 11C). Then, expression of OsTIR1 was checked by 

Western blotting (Fig. 11D). I noticed that the expression levels of the mutant versions of 

OsTIR1(F74G and F74A) were 5-fold higher than that of WT. When auxinole was added, 

protein level of the WT OsTIR1 increased to 3-fold. This suggests that the WT version of 

OsTIR1 is susceptible to proteasome-mediated degradation. Overall, the isogenic background 

of these cell lines allowed for a direct comparison between the OsTIR1(WT) – auxin pair and 

the OsTIR1(F74G/A) – 5-Ph-IAA pair. Therefore, the representative clones were selected for 

further analysis. 
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Next, I analyzed degradation of the EGFP reporter before and after addition of the 

auxin derivatives by monitoring the fluorescent intensity of EGFP using flow cytometry (Fig. 

12A, B). The parental clone that did not contain any TIR1 showed high fluorescent signal and 

this was used as standard control. I initially compared the EGFP signals of OsTIR1-integrated 

clones in the absence of the auxin derivatives to test if the mutations in OsTIR1 improve 

basal degradation. In the cells expressing OsTIR1(WT), the EGFP signal intensity was 

significantly reduced compared to the parental clone expressing the EGFP reporter only (Fig. 

12B, compare “reporter only” and “OsTIR1(WT) / ligand –”). This corresponds to basal 

degradation of the target protein. On the other hand, in cells expressing OsTIR1(F74G/A), the 

EGFP reporter intensities were virtually same as that in the parental cells without TIR1, 

suggesting that the modified either of OsTIR1(F74G/A) prevent basal degradation. In all cells 

expressing different forms of TIR1, the addition of the auxin ligands led to reductions of the 

EGFP signal intensities, indicating efficient degradation of the EGFP reporter proteins. 

Interestingly, the degradation was less efficient in the OsTIR1(WT) background compared to 

the OsTIR1(F74G/A) (Fig. 12B). 
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Figure 11. Overview of the reporter construction for direct comparison between the 
original and improved AID systems. (A) Sequence analysis between AtTIR1 and OsTIR1. 
The phenylalanine subjected to point mutation is highlighted by the red box. (B) Transfection 
strategy to generate isogenic reporters. (C) Bi-allelic integration of OsTIR1(WT) and 
OsTIR1(F74G/A) confirmed by the agarose gel electrophoresis of the PCR amplification 
product of the region shown on the right. (D) The expression level of OsTIR1(WT) and 
OsTIR1(F74G/A) analyzed by Western blot. Tubulin is a loading control.  
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Figure 12. Comparison of the reporter degradation in the OsTIR1(WT) and 
OsTIR1(F74G/A) background. (A) The histograms of the fluorescent signal intensity 
before and after the inducer addition. (B) Quantification of the signal in A. Data are presented 
as mean values ± SD (n= 3 independent experiments, two-tailed t-test). (C) The inducer 
concentration graph showing the quantification of the fluorescent signal intensity. IAA was 
used in cells expressing OsTIR1(WT) and 5-Ph-IAA was used in cells expressing 
OsTIR1(F74G/A). Data are presented as mean values ± SD (n = 3 independent experiments). 
The data were fitted with non-linear regression using 4 parameters.  
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The concentration of IAA used in the experiment was higher than that of 5-Ph-IAA. To 

find the optimal concentration of auxin derivatives, I titrated the concentrations of either IAA 

(for OsTIR1(WT) or 5-Ph-IAA (for OsTIR1(F74G/A)) and analyzed the EGFP reporter 

signal by flow cytometry. As shown in Fig. 12C, the concentration as low as 10 µM and 1 

nM is sufficient for IAA and 5-Ph-IAA, respectively. Another observation is that the signal 

before the inducer addition was already drastically reduced due to basal degradation observed 

in Fig. 12B. Moreover, the degradation in the OsTIR1(WT) background did not reach the 

level seen in the OsTIR1(F74G) background. 

To analyze the specificity of the OsTIR1 mutants for auxin derivatives, I tested their 

reactivity to increasing IAA concentrations. The reporter signal measured by flow cytometry 

is shown in Fig. 13. Overall, OsTIR1(F74G) exhibited less reactivity towards IAA in 

comparison with OsTIR1(F74A), thus I used the combination of OsTIR1(F74G) with 5-Ph-

IAA for further analyses. 

Having verified the improvement using the EGFP reporter experiments, I set out to 

generate the AID cells for DHC1 protein that could not be established using the original 

system due to the detrimental effect of basal degradation; shown in the part describing the use 

of auxinole. To generate the AID mutant for DHC1, I followed the strategy shown in Fig. 14. 

Using CRISPR–Cas9, I have knocked OsTIR1(F74G) in the AAVS1 locus in the HCT116 

cell line and excised the selection marker using Cre–loxP recombinase. This new parental cell 

line now can be used for tagging any target protein. Next, using CRISPR–Cas9, I tagged the 

gene coding DHC1 with mAID–mClover (mAC) at the C-terminus. The indication of the 

successful tagging transfection came from the stained plates shown in Fig. 15A. While in the 

parental cell line with OsTIR1(WT), almost no clones were observed, there were many 

clones visible in the parental cell line with OsTIR1(F74G). After genotyping, a single clone 

was used for further analysis. 
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Figure 13. Reactivity of mutant receptors to IAA. The reporter cells were treated with the 
indicated concentrations of IAA for 4 h. The reporter expression was detected by flow 
cytometry (left) and quantified data are shown on the right. Data are presented as mean 
values ± SD (n= 3 independent experiments).  
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Figure 14. The schematic of the strategy for AID mutant generation in the improved 
system. After the initial CRISPR–Cas9-mediated knock-in of OsTIR1(F74G) and antibiotic-
resistance selection of positive clones, the puromycin selection marker was removed using 
the Cre–loxP recombination system to generate a new parental cell line for AID2. The 
following tagging of the gene of interest is the same as in the original technology. 
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Figure 15. DHC1 degradation analysis. (A) Stained plates showing colonies formed after 
transfection tagging DHC1. Colonies were formed in the presence of 700 µg/ml of neomycin 
and 100 µg/ml of hygromycin for 11 days. (B) Western blotting showing the degradation of 
DHC1–mAC after 6-h treatment. Tubulin is a loading control. (C) Calculated mitotic index 
upon DHC1–mAC degradation. Data are presented as mean values ± SD (n= 3 independent 
experiments). (D) Microscopic images showing DHC1–mAC, DNA, and tubulin upon 
DHC1–mAC degradation. Scale bars show 11 µm.  
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Figure 16. RAD21 degradation analysis. (A) The initial expression level of RAD21–mAC 
and OsTIR1. Tubulin is a loading control. RAD21 bands were quantified and these values are 
shown below the RAD21 blot. (B) Time-lapse microscopy images. Scale bars show 3.2 µm. 
(C) Quantification of the signal in the time-lapse microscopy experiment in B. Data are 
presented as mean values of 95% confidence interval (n= 60 cells examined). (D) Cell cycle 
analysis upon RAD21–mAC degradation with 1 µM 5-Ph-IAA for 24 h. (E) Mitotic 
chromosome spread analysis upon RAD21–mAC degradation with 1 µM 5-Ph-IAA for 2 h. 
Scale bar shows 5.4 µm.  
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First, I confirmed the degradation of DHC1–mAC after a 6-hour treatment with 1 µM 

5-Ph-IAA by Western blot shown in Fig. 15B. The shifted tagged DHC1–mAC band 

completely disappeared after the inducer treatment. Next, using microscopy, I observed the 

mitotic arrest upon the treatment with 1 µM 5-Ph-IAA for 24 hours (Fig. 15C), which is a 

phenotype of the DHC1 depletion. Finally, I have observed a strong defect in chromosome 

alignment and spindle formation in DHC1–mAC-depleted fixed cells in line with the function 

of the dynein complex (Fig. 15D). 

Having confirmed that the improved AID can be established for proteins that were 

difficult to tag, I decided to test whether it can also improve the degradation speed at a low 

concentration for already successfully generated AID mutants. For this, I chose the RAD21 

subunit of the human cohesin complex; shown in the part describing the use of auxinole. 

Using the new parental cell line expressing OsTIR1(F74G) (Fig. 14), I have tagged the 

C-terminus of the gene coding for RAD21 with mAC. After genotyping, a single clone was 

used for further analysis. I confirmed the expression of RAD21–mAC and TIR1 by Western 

blot shown in Fig. 16A. From the band intensity quantification, RAD21–mAC signal is less 

in the OsTIR1(WT) background in comparison with the OsTIR1(F74G) background (0.72 vs 

0.85, respectively) suggesting basal degradation happens with RAD21–mAC, although not 

easily visible. In addition, there is a noticeable difference in the expression of the TIR1. 

Next, to track the degradation kinetics, I performed time-lapse imaging of RAD21–

mAC in live HCT116 cells (Fig. 16B). For degrading RAD21–mAC, 500 µM IAA was used 

in the case of OsTIR1(WT)-expressing cells and 1 µM 5-Ph-IAA in the case of 

OsTIR1(F74G)-expressing cells. I initially compared the RAD21–mAC intensities of 

OsTIR1(WT) and OsTIR1(F74G) clones in the absence of auxin derivatives. At any time-

point, the fluorescent intensities in the OsTIR1(F74G) clone were higher than those of the 

OsTIR1(WT) clone (Fig. 16C, compare “control (+ DMSO)”). Thus, the currently 
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established AID system appears to inhibit basal degradation of Rad21–mAC as compared to 

the original system. This means that although with the original AID system RAD21 tagging 

could be achieved, there was still basal degradation taking place. This is in agreement with 

the reporter basal degradation observed in the cells expressing OsTIR1(WT) shown in Fig. 

12. To assess degradation kinetics, I have fitted the plot to the one-phase decay model and 

calculated the half-time T1/2, which represents the time required to degrade half of the initial 

amount of the protein. The T1/2 for OsTIR1(WT) and OsTIR1(F74G) was 26.5 min and 11.7 

min, respectively, indicating that RAD21–mAC was degraded more quickly by the new 

system. These results indicate that the improved system allowed sharper and quicker control 

of RAD21–mAC than the original AID system. 

To study the effect of RAD21 depletion on cells, I have analyzed the cell cycle using 

propidium iodide staining. After RAD21–mAC was depleted, most of the cells were arrested 

in the G2/M phase, as seen from Fig. 16D. In addition, I prepared the mitotic chromosome 

spread to inspect how sister chromatid cohesion is affected by RAD21 degradation. As 

expected, upon RAD21–mAC depletion, almost all sister chromatids were separated from 

each other, as shown in Fig. 16E, which is consistent with the essential function of this 

protein complex. 

Discussion 

AID is an excellent protein degradation technique for functional studies. However, the two 

main drawbacks that held it from being applied to mice is the leaky degradation of the target 

protein and toxicity of auxin at high concentration. In the first part of this chapter, I report the 

use of the degradation inhibitor auxinole for suppressing leaky degradation. In the second 

part, I showed a method to generate AID mutants in one step using all-in-one TOL2-

transposon based vectors, which may be used for targeting proteins in polyploid cell lines 
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(such as HeLa) or serve as an efficient screening method. Finally, I show that both problems 

can be solved in the improved AID with the mutant OsTIR1(F74G) receptor and auxin analog 

5-Ph-IAA. 

First, to suppress basal degradation in cells expressing OsTIR1, I used the OsTIR1 

antagonist auxinole. Even in the Tet-OsTIR1 background cells, it is now possible to induce 

rapid degradation of mAID-fused proteins by inducing OsTIR1 in the presence of auxinole. 

Moreover, auxinole is useful for the re-expression of mAID-fused POIs after depletion. The 

use of auxinole allows the quick degradation and robust control of the expression of mAID-

fused POIs. 

In the second part, I showed a series of all-in-one pAID5 plasmids that enable 

conditional degradation control of a mAID-fused POI. By using one of them, I demonstrated 

a method to generate an AID mutant of HeLa cells, in which MCM10 was conditionally 

degraded by adding IAA. It should be noted that the level of expression of mAID–MCM10 in 

clones 2 and 4 was more or less comparable to that in WT cells (Fig. 9). Because MCM10 is 

essential for viability, and multiple copies of the rescue plasmid can be integrated into the 

genome, clones having a sufficient level of mAID–MCM10 might have been positively 

selected during colony formation. In other words, it might be possible to select clones 

optimally expressing a mAID-fused POI by the strategy shown in Fig. 8. This strategy is less 

laborious than tagging an endogenous gene in all alleles, in particular when polyploid cell 

lines such as HeLa are used. It should be noted that the transcriptional regulation of a mAID-

fused transgene is different from that of the endogenous gene. Therefore, the transgene 

cannot be controlled transcriptionally by endogenous biological processes, such as the cell-

cycle control system. 

Finally, in the AID2, the mutant for DHC1 can be constructed in cells constitutively 

expressing the receptor. Interestingly, even in the reporter cell lines and in the AID mutants 
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that could be generated with the original system, basal degradation still takes place, as can be 

seen from Fig. 12 and 16B, C. In addition, as evident from Fig. 11D and 16A, in most cases, 

the expression level of OsTIR1(WT) decreases and results in subsequent inefficient 

degradation that requires high concentrations of IAA. This reduction in the expression level 

may be due to the basal degradation in which OsTIR1 is degraded together with the target 

reporter protein. 

Subsequently, I applied the improved AID technology to confirm the loss of sister 

chromatid cohesion and G2/M arrest upon quicker degradation of the RAD21 subunit of 

cohesin in HCT116 cells. Although RAD21 could be targeted and degraded with the original 

system, in the new system the degradation kinetics is faster and basal degradation is reduced. 

Similarly, the improved AID may show enhanced efficiency for other target proteins. 

Another important aspect is the reduced concentration of the inducer used in the improved 

AID. As shown in Fig. 12C, a concentration as low as 1 nM is enough to efficiently degrade 

the reporter. Of course, this concentration of the new inducer may vary depending on the 

target protein, but so far, all functional proteins tested can be degraded with 1 µM 5-Ph-IAA. 

This significant reduction in concentration paves the way to the use of the AID in mice. 

Therefore, the main goal of this study to significantly improve the AID system, namely 

deal with the issues of basal degradation and high auxin concentration have been achieved. 

The updated AID2 is a robust technology that can be applied to many difficult targets. 

Moreover, AID2 can be used in mice and targeting functional proteins in murine models is 

awaited. 
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Materials and Methods 

General AID cell line construction 

HCT116 cells (ATCC, #CCL-247) were cultured in McCoy’s 5A, supplemented with 10% 

FBS (Gibco, #26140-079), 2 mM L-glutamine, 100 U/ml penicillin, and 100 µg/ml 

streptomycin at 37°C in 5% CO2. Cells were transfected with CRISPR–Cas9 and donor 

plasmids using FuGENE HD Transfection Reagent (Promega, #E2311) in a 12-well plate. 

One day after transfection, cells were plated in 10 cm dishes and selected with antibiotics. 

Selected clones were isolated and confirmed by following a published protocol66. 

Confirmation of bi-allelic insertion of OsTIR1(WT, F74G, or F74A) at the AAVS1 locus was 

done using genomic PCR. The indicated primers shown in Fig. 11C as arrows (5’-

CACTTTGAGCTCTACTGGCTTCTGC-3’ and 5’-

CCACCCAAAAGGCAGCCTGGTAGAC-3’) were used for genomic PCR.  

 

Plasmids for CRISPR-KO- and TOL2-transposon-combined one-step AID mutant generation 

The pAID5 plasmids sequence information is available from the Addgene repository. 

To construct a CRISPR-KO plasmid for targeting MCM10, two oligonucleotides (5′-

CACCGACCGCAAGTACTACACCTGG-3′ and 5′-

AAACCCAGGTGTAGTACTTGCGGTC-3′) were hybridized. The hybridized DNA was 

cloned at the BbsI site of pX459 v2.0 (addgene, #62988). 

The MCM10-KO gRNA sequence is highlighted in green and is complementary to the 

endogenous MCM10 splice site between the 3’ end of exon 5 (ENSE00000999778) and 

intron 5 (ENSG00000065328:ENST00000378714.8 intron 5:protein_coding): 
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Thus, the MCM10-KO gRNA does not align with the transgene MCM10 cDNA at all, so the 

transgene MCM10 cDNA cannot be recognized and cleaved by Cas9.  

An expression plasmid encoding TOL2 transposase, pCS-TP, was previously described80. 

 

HeLa cell culture, transfection, and isolation of clones 

HeLa cells were cultured in DMEM, supplemented with 10% FBS, 100 U/mL penicillin, and 

100 µg/mL streptomycin at 37°C under an atmosphere of 5% CO2 in air. HeLa cells were 

seeded at 0.5 × 105 cells per well in a 6-well plate. A plasmid mixture was prepared by 

mixing 8 µg of CRISPR–Cas9-KO (CRISPR-KO) plasmid, 200 ng of pAID5-based plasmid, 

and 200 ng of pCS-TP. Opti-MEM (Thermo Fisher Scientific, #31985062) was added to 

bring the final volume to 50 µL. Subsequently, 4 µL of FuGENE HD Transfection Reagent 

(Promega, #E2311) was added. After incubating the transfection mixture for 15 min, the 

mixture was applied to the cells. One day after transfection, the cells were collected, 

resuspended in 2 mL of medium, and seeded in a 10-cm dish, which contained 10 mL of 

medium with 1 µg/mL puromycin. Two days later, the medium was exchanged with fresh 

medium containing 200 µg/mL hygromycin B without puromycin. The culture medium 

containing hygromycin B was exchanged every three to four days until colonies became 

visible. Colony formation took 19 to 22 days. 
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Addition of inducers 

Indole-3-acetic acid (IAA) and 5-phenyl-indole-3-acetic acid (5-Ph-IAA) were dissolved in 

DMSO to make a 500 mM stock solution, and further diluted with DMSO to an appropriate 

concentration before the experiment. In experiments using cells expressing a reporter 

(mAID–EGFP–NLS), the culture medium was replaced with the medium containing an 

appropriate concentration of ligands. For inducing degradation of an endogenous protein 

fused with mAID, IAA or 5-Ph-IAA was added directly to the culture medium at an 

appropriate concentration. For control, the same volume of DMSO was added to the culture 

medium. 

 

Flow cytometry 

HCT116 cells were seeded at 1x105 cells/well in a six-well plate and grown for two days. For 

detecting EGFP and mClover signals after ligand treatment, cells were trypsinized and fixed 

in 4% methanol-free paraformaldehyde phosphate buffer (FUJIFILM Wako Pure Chemical 

Corporation) at 4°C overnight. Fixed cells were washed and resuspended in PBS containing 

1% BSA. For measuring the DNA signal after ligand treatment, cells were trypsinized and 

fixed in 70% EtOH. Fixed cells were washed, resuspended in PBS containing 1% BSA, 50 

µg/ml of RNase A, and 40 µg/ml of propidium iodide, and incubated at 37°C for 30 min. 

Flow cytometric analysis was performed on a BD Accuri C6 machine (BD Biosciences) 

using FCS4 Express Cytometry software (DeNovo Software). 10,000 cells were analyzed 

from each sample. 
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Western blot 

HCT116 cells were seeded at 1x105 cells/well in a six-well plate and grown for two days. 

After 1 µM 5-Ph-IAA treatment, cells were lysed in RIPA buffer (25 mM Tris-HCl pH7.6, 

150 mM NaCl, 1% NP40, 1% sodium deoxycholate, 0.1% SDS). After centrifugation, the 

supernatant was mixed with 2xSDS sample buffer (Tris-HCl pH6.8, 4% SDS, 20% glycerol, 

10% 2-mercaptoethanol, 0.004% bromophenol blue) before incubation at 95°C for 5 min. 

Equal amounts of protein (measured using Bradford (Bio-Rad Smart Spec 3000) assay) were 

loaded onto a TGX Stain-Free gel (Bio-Rad) and transferred onto a Hybond ECL membrane 

(GE Healthcare). The membrane was incubated with a primary antibody at 4°C overnight and 

subsequently incubated with a secondary antibody at room temperature for 3 h. Detection was 

performed using the Amersham ECL Prime reagents (GE Healthcare) in case of using an 

HRP-conjugated secondary antibody and images were acquired with a ChemiDoc Touch MP 

system (Bio-Rad). For protein detection, the following commercially available antibodies 

were used. Primary antibodies: anti-OsTIR1 (MBL, #PD048), anti-mAID (MBL, #M214-3), 

anti-DHC1 (SantaCruz, #sc-9115), anti-alpha-tubulin (MBL, #M175-3). All primary 

antibodies were used at a 1 in 1000 dilution with TBST containing 5% skim milk. Secondary 

antibodies: anti-rabbit IgG HRP (GE Healthcare, #NA934), anti-mouse IgG HRP (SantaCruz, 

#PI-2000), anti-rabbit IgG StarBright Blue 700 (Bio-Rad, #12004161). All secondary 

antibodies were used at a 1:5000 dilution with TBST containing 5% skim milk. 

 

Live-cell imaging 

HCT116 cells cultured in McCoy’s 5A medium without phenol red, supplemented with 10% 

FBS (Gibco, #26140-079), 2 mM L-glutamine, 100 U/ml penicillin, and 100 µg/ml 

streptomycin were imaged on a DeltaVision deconvolution microscope (GE Healthcare) 

equipped with an incubation chamber and a CO 2 supply system. 
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Microscopy 

To visualize nuclei, 0.2 µM SiR-DNA (Spirochrome) was added for 3 h (Fig. 16E) or 24 h 

(Fig. 15D) before observation. To visualize tubulin, cells were treated with CellLightTM 

Tubulin-RFP, BacMam 2.0 (Thermo Fisher Scientific) for 24 h before observation on a 

DeltaVision deconvolution microscope (GE Healthcare) (Fig. 15D). To calculate the mitotic 

index shown (Fig. 15C), brightfield images after 5-Ph-IAA treatment were acquired using an 

EVOS XL Core Configured Microscope (Thermo Fisher). 

 

Chromosome spread 

HCT116 cells were cultured to 70% confluency in a 60-mm dish. KaryoMAX TM Colcemid 

TM Solution in PBS (Gibco, #15212012) was added to a final concentration of 0.02 µg/ml 

together with DMSO (control) or 1 µM 5-Ph-IAA. Treated cells were incubated at 37°C 5% 

CO 2 for 2 h before trypsinization. Removed cells were treated with 75 mM KCl before 

fixation in MeOH/acetic acid (3:1) fixative solution. Fixed cells were adjusted to 

approximately 10 7 cells/ml. Ten microliters of the cell suspension were applied onto a glass 

slide and dried at room temperature. Ten microliters of DAPI-containing Vectashield 

Mounting Medium (Vector Laboratories, #H-1200) was added before sealing with a 

coverslip. Chromosomes were observed under a DeltaVision deconvolution microscope (GE 

Healthcare). 
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Chapter 2 

Biochemical Characterization of The Fission Yeast Cohesin 
Complexes 

Introduction 

During cell division, all sets of newly replicated chromosomes are successfully delivered to 

the daughter cells. In mitosis, spindle fibers emanating from both cell poles selectively 

capture sister chromatid pairs at kinetochore and convey them to the dividing cells. The 

fidelity of segregation is ensured by physical connection formed between replicated sister 

chromatids, called sister chromatid cohesion. “Cohesion” provides physical tension when 

spindle fibers from opposite poles attach to cohesive chromatids. This physical tension 

eventually dictates accurate establishment of bipolar spindle attachments among all sets of 

sister chromatid pairs, leading to error-free chromosome separation at anaphase. 

Sister chromatid cohesion is formed by a cohesin complex, a ring-shaped ATPase 

assembly that holds two sister chromatids together87- 89. Cohesin is composed of four 

subunits, Smc1, Smc3, Scc1 and Scc3 (Psm1, Psm3, Rad21 and Psc3 respectively, in the 

fission yeast Schizosaccharomyces pombe) (Fig. 17)90. At the center of cohesin is a pair of 

structural maintenance of chromosomes (SMC) subunits, long flexible coiled coil proteins 

that form a heterodimer via hinge domain. At the opposite ends, the SMC ATPase heads 

dimerize upon ATP binding. Scc1 kleisin subunit further bridges both heads together to 

complete the proteinous ring. Scc1 also serves as a docking platform for the Scc3 HEAT-

repeat subunit as well as other regulatory proteins91. Cohesin has been shown to have an 

ability to topologically embrace DNA, which is driven by SMC ATPase heads92, 93. 

Therefore, cohesin is thought to function as a topological device to hold a sister chromatid 

pair. In addition to sister chromatid cohesion, cohesin also contributes different chromosome 
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structures and activities including chromatin loop formation, gene regulation as well as DNA 

repair94, 95. 

Cohesin by itself is an inactive complex and requires a series of regulatory proteins to 

regulate sister chromatid cohesion. From telophase to G1, cohesin is loaded onto chromatin 

with an aid of the loader complex which is composed of Scc2 and Scc4 (Mis4 and Ssl3 

respectively in the fission yeast)96, 97. At the same time, cohesin also dissociates from 

chromatin in Pds5-Wapl dependent manner98 - 101. Thus, cohesin displays dynamic chromatin 

association before creating sister chromatid cohesion102. During DNA replication, cohesin 

establishes “cohesion” between newly replicated sister DNAs103. However, cohesin loading 

per se is not sufficient to create sister chromatid cohesion and requires additional 

establishment reactions, which occur at the replication fork. How cohesin creates “cohesion” 

is not fully understood. This process, at least, involves cohesin acetylation (Smc3’s ATPase 

heads) mediated by Eco1104 - 107. This acetylation antagonizes Pds5-Wapl, thus stabilizes the 

cohesin molecules that mediate sister chromatid cohesion. In addition to Eco1, replisome-

associated proteins including Csm3/Tof1, Mrc1, Ctf4, Chl1 also redundantly function in 

cohesion establishment108 - 111. When a cell enters mitosis, cohesin dissociates from chromatin 

by two distinct pathways to achieve acute and faithful chromosome segregation. In 

mammalian cells, cohesin on chromosome arms are dissociated by Pds5-Wapl at prophase98. 

Scc3 subunit is phosphorylated by Polo-like kinase 1, this appears to facilitate cohesin 

dissociation by Pds5-Wapl112. At anaphase, residual cohesin on pericentromeric regions are 

cleaved by separase, allowing synchronous chromosomal separation (Fig. 18)113. Separase 

digests two specific sequences of Rad21 kleisin subunit, thus physically opens up the cohesin 

ring to facilitate its dissociation from chromatin. This cleavage is also facilitated by 

phosphorylation of Rad21, thus cohesin stability on chromatin is highly regulated by a series 

of protein modifications90, 114, 115. 
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Biochemical studies using the purified fission yeast cohesin provides several molecular 

insights into how cohesin loads and dissociates from DNA116. Cohesin topologically 

embraces DNA in an ATP-dependent manner, which is stimulated by the loader complex. 

The loader initially forms a ternary complex with cohesin on DNA, then transports DNA into 

the proteinous ring117. In contrast, Pds5-Wapl promotes cohesin dissociation from DNA, by 

transiently opening Psm3Smc3-Rad21 interface118. These studies have also demonstrated that 

acetyl-accepter lysins on Psm3Smc3 head function as a DNA sensor to facilitate both cohesin 

loading and dissociation. This implies that cohesin acetylation erases the DNA sensor to stop 

cohesin dynamics on DNA, leading to stable cohesin association that is required for 

establishment of sister chromatid cohesion. In addition to bulk biochemical analyses, single-

molecule studies of human cohesin have demonstrated cohesin dynamics on DNA including, 

random diffusion, ATP-dependent directional movement as well as DNA loop formation119 - 

122. Furthermore, recent structural studies using cryo-electron microscopy have revealed the 

loading intermediate state of cohesin/loader complex123 - 125. Together, biochemical studies 

start to reveal cohesin’s mechanical properties that handles series of genome organization. 

Like in somatic cells, cohesin is also vital for proper chromosome segregation during 

meiosis126. In meiosis, the kleisin subunit (Rad21) is commonly replaced to Rec8 (hereafter, 

Rec8-cohesin)127. Meiosis is a special type of cell division which generates haploid gametes 

in sexual reproduction. This process consists of a single round of DNA replication, followed 

by two consecutive rounds of chromosomal segregation. At the first division, homologous 

chromosomes are separated and delivered to dividing cells (Meiosis I). Sister chromatids are 

segregated during meiosis II, in a similar way to somatic cells. Therefore, meiosis I is 

qualitatively distinct from meiosis II and mitosis126. Two factors drive homologous 

chromosome segregation; chiasmata formation between homologues and monopolar spindle 

attachment. Rec8-cohesin plays essential roles in both pathways. During meiotic prophase I, 
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homologous chromosomes are paired and aligned by forming a higher-order proteinaceous 

structure called synaptonemal complex128, 129. At this stage, pairs of paternal/maternal 

chromosomes are reciprocally exchanged by crossover recombination to create physical links 

between homologues called chiasmata130. Therefore, cohesin complexes at chromosome arms 

generate physical tension when spindle fibers capture each homologue (chromatid pair) to 

segregate them to opposite poles. In addition to sister chromatid cohesion, Rec8-cohesin 

creates chromosome axis structure, which is a foundation of synaptonemal complex131 - 134. 

This axis consists of chromatin loops and Rec8-cohesin is thought to directly build them. A 

study from fission yeast has shown that Rec8-cohesin mediated axis/loop is vital for 

homologue pairing as well as chiasmata formation135. In parallel to chiasmata formation, 

kinetochores on each pair of sister chromatids are merged136. This facilitates spindle fiber 

emanating from one pole to capture and convey a chromatid pair. This monopolar spindle 

attachment relies on sister chromatid cohesion at centromere, which is regulated by meiosis-

specific kinetochore Meikin family proteins (Moa1 in fission yeast)137 - 139. Rec8-cohesins on 

chromosome arms are cleaved by separase, leading to homologue segregation during meiosis 

I. In contrast to mitosis, cohesion at pericentromere lasts until meiosis I. The protected 

cohesin provides cohesion to guide equal chromosome segregation in meiosis II. This Rec8-

cohesin protection is mediated by Shugoshin140 - 142. Shugoshin localizes to centromere and 

recruits protein phosphatase 2A (PP2A) complex143. Thus, phosphorylation of Rec8-cohesin 

around centromere is continuously reversed by PP2A, protecting Rec8 from separase 

cleavage. 

In fission yeast, there are two types of Rec8-cohesin; Rec11/Rec8-cohesin and 

Psc3/Rec8-cohesin. They share Psm1Smc1, Psm3Smc3 and Rec8, but use different types of 

HEAT-repeat regulatory subunits (Psc3 and Rec11)144. In yeast cells, each Rec8-cohesin 

shows different chromosome localization. Rec11/Rec8-cohesin are found on chromosome 
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arms whereas Psc3/Rec8-cohesin specifically localizes at centromere. Reflecting their 

localization, genetic studies have suggested that Rec11/Rec8-cohesin mediates cohesion on 

chromosome arms and axis/loop formation whereas Psc3/Rec8-cohesin function in regulation 

of sister chromatid cohesion at centromeric regions134, 135. These findings raise a possibility 

that both Rec8-cohesin exert common and distinct biochemical properties to shape meiosis-

specific chromosomal structures guided by other regulatory proteins mentioned above. 

However, in contrast to somatic versions of cohesin from yeast to human, biochemical 

properties of meiotic cohesin have been poorly understood. Thus, I have purified the fission 

yeast meiotic cohesin complexes to study their biochemical properties by comparing them 

with somatic Rad21-cohesin. 
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Figure 17. The fission yeast cohesin complexes and their chromosome localization. (A) 
Overall structures of the fission yeast cohesin complexes. All types of cohesin complexes 
share the same SMC subunits (Psm1Smc1 and Psm3Smc3). Somatic cells contain one type of 
cohesin (Rad21 and Psc3) whereas two cohesin variants (Psc3/Rec8- and Rec11/Rec8-
cohesins) function in meiotic chromosome organization. (B) The localizations of the mitotic 
and meiotic cohesin complexes on chromosomes in fission yeast. Rad21-cohesin functions 
elsewhere in somatic chromosomes. In meiosis, Psc3/Rec8-cohesin specifically localizes at 
centromeric regions, whereas Rec11/Rec8-cohesin is loaded onto chromosome arms. 
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Figure 18. Overview of mitotic and meiotic chromosome segregation. (A) Chromosome 
segregation in mitosis. Rad21-cohesin creates sister chromatid cohesion during DNA 
replication. Spindle establishes bipolar attachment, resulting in separation of sister 
chromatids. Cohesin cleavage by separase initiates anaphase I. (B) In meiosis I, homologous 
chromosomes are initially segregated, followed by sister chromatid segregation during 
meiosis II. Rec11/Rec8-cohesin mediates both cohesion and axis/loop formation at 
chromosome arms. Psc3/Rec8-cohesin exclusively functions at centromere to sustain sister 
chromatid cohesion and meiosis-specific kinetochore structure that enable monopolar spindle 
attachment in meiosis I. Cohesion at chromosome arms are destroyed to execute homologue 
segregation whereas centromeric cohesion lasts to ensure proper sister chromatid separation 
in meiosis II. 
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Results 

To study biochemical properties of the fission yeast meiotic cohesin complexes, I initially 

purified core trimer Rec8-cohesin complex by overexpressing Psm1Smc1, Psm3Smc3 and Rec8 

in budding yeast, followed by sequential column chromatography (The outline of the 

purification including the affinity tag pull-down and gel filtration is shown in Sup. Fig. 7A). 

Although the yield was low, I obtained a Rec8-cohesin trimer. To reconstitute Rec8-cohesin 

tetramer with Rec11 or Psc3, I also purified Rec11 by overexpressing it using fission yeast 

(Sup. Fig. 8). Psc3 was obtained using a previously established procedure. 

Next, I tested the topological loading of Rec8-cohesin, by adapting an assay which was 

previously established for Rad21-cohesin116. As shown in Fig. 19A, Rec8-cohesin trimer was 

incubated with relaxed circular DNA in the presence of ATP at low-ionic concentration. 

Then, Rec8-cohesin was immunoprecipitated by utilizing the Pk affinity tag fused to the 

Psm3Smc3 subunit in a high-salt buffer to remove non-topologically bound DNA. After 

overnight incubation, the beads were extensively washed with the same high-salt buffer then 

DNA bound to Rec8-cohesin was eluted by treating with proteinase K (ProK) and SDS and 

was analyzed by agarose gel electrophoresis. 

When incubated DNA with Rec8-cohesin alone, less than 1% of input DNA was 

recovered (Fig. 19B). Addition of Rec11 or Psc3 did not virtually change the DNA binding. 

About 7% of input DNA was bound to Rec8-cohesin when the loader complex (Mis4-Ssl3) 

was included in the reaction. The amounts of DNA recoveries were increased to ~2-fold 

when Psc3 (~14%) or Rec11 (~12%) was further included in addition to the loader complex. 

These results indicated that both Psc3 and Rec11 stimulated DNA loading of Rec8-trimer in 

the presence of the loader complex. Psc3 is expressed in both somatic and meiotic cells, 

whereas Rec11 is a meiosis-specific HEAT-repeat subunit. To confirm if Rec11 specifically 

functions with Rec8-cohesin, I carried out the same loading assay using Rad21-cohesin 
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trimer (Fig. 19C). As previously reported, Rad21-cohesin was efficiently loaded onto DNA 

when Psc3 and the loader complex were present. In contrast, no detectable loading was 

observed in the presence of Rec11. Thus, Rec11 specifically functions with Rec8-cohesin, 

being consistent with the meiosis specificity of Rec11. 

The results mentioned above indicate that Rec11 and Psc3 promote salt-resistant DNA 

binding by Rec8-trimer. To confirm if this salt-resistant binding reflects topological DNA 

loading, like Rad21-cohesin, I performed a linearization of the circular DNA bound to Rec8-

cohesin after carrying out the loading reaction. As illustrated in Fig. 20A, cleaved DNA by a 

restriction enzyme PstI is supposed to release from Rec8-cohesin into the supernatant 

whereas residual intact circular DNA remains on the beads. I tested 3 combinations where 

efficient DNA bindings were observed (Rec8-cohesin with the loader, Rec8-cohesin with the 

loader and Psc3 or Rec11). In all cases, DNAs kept bound with the beads fraction in the 

absence of PstI, whereas most of the linearized DNAs were found in supernatant fractions 

(Fig. 20, lanes 5-16). These results indicated that Rec8-cohesin topologically entraps the 

DNA strand inside of its ring cavity. 

As mentioned above, the yield of Rec8-cohesin timer was relatively low, which limited 

further biochemical analyses. Thus, I tried Rec8-cohesin as a tetramer complex. Psc3/Rec8-

cohesin could be purified with higher yields by overexpression of the four subunits at the 

same time (Sup. Fig. 7B). However, this method could not be applicable to purify 

Rec11/Rec8-cohesin (After several attempts, I found that Rec11 appears to be not expressed 

efficiently in host budding yeast cells). Using the purified Psc3/Rec8-cohesin, I optimized the 

DNA loading reaction. This indicated that topological DNA loading of Rec8-cohesin 

occurred efficiently in lower salt concentration and lower temperature than Rad21-cohesin 

(summarized in Sup. Fig. 9 and Fig. 18B, lanes 1-4). 
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Wapl, functioning together with Pds5, controls cohesin dissociation from chromatin98, 

100. Previous biochemical study has shown that Pds5-Wap interacts with Rad21-cohesin and 

directly promotes its dissociation from DNA117. To test if Pds5-Wapl also regulates Rec8-

cohesin, I set up the in vitro assay to monitor the DNA unloading activity as described 

previously. The outline of the experimental procedure is shown in Fig. 21A. First, cohesin 

was topologically loaded onto circular DNA in the presence of the loader complex in a low-

ionic buffer. Then, the reaction was adjusted to higher salt concentration (150 mM) when 

incubated with Pds5 and Wapl. Cohesin was immunoprecipitated after first (loading reaction) 

and second (with Pds5-Wapl) incubation. After extensive high-salt wash, bound DNA was 

analyzed by agarose gel electrophoresis. If DNA was released from cohesin, DNA recovery 

after immunoprecipitation is supposed to be reduced. 

When carrying out the unloading reaction using Rad21/Psc3-cohesin, DNA was 

efficiently released from Rad21-cohesin in the presence of Pds5-Wapl, consistent with a 

previous study (Fig. 21B) (note that small reduction of bound DNA without Pds5-Wapl was 

observed, which would reflect spontaneous DNA unloading). In contrast, similar amounts of 

DNAs were bound to Rec8/Psc3-cohesin both in the presence and absence of Pds5-Wapl 

(Fig. 21C). This result suggests that Rec8-cohesin is intrinsically resistant to the unloading 

activity mediated by Pds5-Wapl. 
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Figure 19. Biochemical reconstitutions of meiotic cohesin loading onto DNA. (A) 
Schematic of the cohesin loading assay. This assay monitors topological cohesin loading onto 
a circular DNA substrate. Rec8-cohesin trimer was reacted with relaxed circular DNA in the 
presence or absence of accessory proteins. Cohesin was purified by immunoprecipitation to 
monitor the bound DNA. Representative gel images of the cohesin loading assay using Rec8-
cohesin trimer (B) and Rad21-cohesin trimer (C) are presented with the quantification of 
DNA band intensities. All graphs show means and standard deviations from at least three 
independent experiments. 
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Figure 20. The meiotic cohesin complexes topologically embrace DNA. (A) Confirmation 
of topological cohesin loading onto DNA. DNA-bound cohesin was immobilized on 
magnetic beads, then linearized the DNA by restriction enzyme at one site. If the loading was 
an embrace, cohesin releases linear DNA to supernatant. (B) The agarose gel image 
represents the results of the DNA release assays performed with indicated cohesin and the 
HEAT-repeat subunits. S; supernatant fraction, B; beads fraction, CC; covalently closed 
circular DNA, L; linear DNA. 
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Figure 21. The effect of Pds5-Wapl unloader on Rec8-cohesin. (A) Schematic of the 
cohesin unloading assay. Psc3/Rec8-Cohesin was topologically loaded onto circular DNA, 
then Pds5-Wapl was added to initiate cohesin unloading. Cohesin was immunoprecipitated to 
monitor the bound DNA. This would be reduced as compared with the control experiment if 
Pds5-Wapl releases DNA from cohesin. (B) Gel images and quantifications of the unloading 
assay using (B) Psc3/Rec8-cohesin and (C) Psc3/Rad21-cohesin. Pds5-Wapl efficiently 
dissociated Rad21-cohesin from DNA whereas Rec8-cohesin is insensitive to the unloader. 
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Discussion 

In this study, I have biochemically studied the fission yeast Rec8-cohesin using purified 

proteins. For DNA loading, the current study has shown that both types of Rec8-cohesins 

were loaded onto DNA in a similar way to Rad21-cohesin. An interesting difference is that 

DNA loading of Rec8-cohesin trimer is stimulated by the cohesin loader, but not Psc3 or 

Rec11 HEAT-repeat subunit. This feature was not observed in Rad21-cohesin, which 

requires both Psc3 and the loader complex for efficient DNA loading. This suggests that 

Rec8-cohesin intrinsically has a bias to entrap DNA rather than Rad21-cohesin and the loader 

is more critical to achieve topological loading rather than Psc3 or Rec11. In yeast, Rec11 and 

Psc3 is essential for cohesin loading on chromatin144. In fission yeast, Psc3 has been reported 

to be recruited to centromere in Swi6 heterochromatin protein dependent manner145. These 

HEAT-repeat proteins might have an additional role in cohesin recruitment in chromatin 

context. 

For DNA unloading, Rec8-cohesin is less sensitive to Pds5-Wapl than Rad21-cohesin. 

Although this is a distinct property from Rad21-cohesin, it is still unclear the underlying 

molecular mechanism at the moment. Rec8 subunit has been reported to be phosphorylated 

by casein kinase 1 (CK1)146. This phosphorylation is required for cohesin dissociation, at 

least by facilitating separase cleavage of Rec8. In mammalian cells, cohesin phosphorylation 

appears to be one of the prerequisites for cohesin dissociation by Pds5-Wapl112, 142. I purified 

one of CK1 homologue Hhp2 to test the effect of cohesin phosphorylation on Pds5-Wapl 

dependent cohesin unloading (Sup. Fig. 10). Although Hhp2 phosphorylate Rec8 subunit of 

the purified Rec8-cohesin, this did not affect both cohesin loading onto and dissociation from 

DNA in my reconstitution assays (Fig. 22). Further studies should be required to clarify if 

Rec8-cohesin is intrinsically resistant to the Pds5-Wapl unloader or additional factors 
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including protein modification renders Rec8-cohesin being susceptible to the dissociation 

activity. 

Fission yeast is widely used for studying many aspects of meiosis that are related to 

cohesin function. Rec8-cohesin is a central player for meiotic chromosome segregation, 

functions of which have been mainly analyzed by cytological and genetic analyses. Despite 

many layers of efforts, it remains a big mystery how Rec8-cohesin mediates meiotic 

chromosome structures including chromosome axis/loop as well as monopolar kinetochore. I 

expect that the currently established biochemical assays provide novel opportunities to study 

molecular function of Rec8-cohesin in the wider context of meiotic chromosome 

architectures. 
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Figure 22. Examination of Rec8-cohesin phosphorylation by casein kinase I and its 
effects on the DNA associations. (A) Hhp2 casein kinase I phosphorylates Rec8-cohesin in 
vitro. Rec8-cohesin trimer was incubated with purified Hhp2 in the presence of ATP. The 
products were separated by SDS-PAGE, and Rec8 protein was detected by Western blot 
using the HA epitope tag on the C terminus of Rec8. This confirmed Hhp2 phosphorylated 
Rec8 subunit. (B) Rec8 cohesin was initially reacted with Hhp2, then DNA loading assay was 
performed in the presence of indicated proteins. (C) as (B) but continued the DNA unloading 
assay in the presence of indicated proteins. These results suggest that Rec8-cohesin 
phosphorylation by Hhp2 did not alter its DNA loading and unloading activities. Hhp2 was 
purified as GST fusion protein from E. coli. 

Materials and Methods 

Purification of Rec8-cohesin complex 

For expression of Rec8-cohesin trimer, the Psm3 cDNA fused to 3x Pk epitope and 7 

histidine tag at the C terminus and the Psm1 cDNA were cloned into the budding yeast 

Saccharomyces cerevisiae shuttle vector YIplac211 under control of GAL1/10 bidirectional 

promoter. The Rec8 cDNA fused to 1x HA epitope tag and 2x protein A tag, which are 

separate by a PreScission Protease sequence at the C terminus, was cloned into YIplac128 

under control of GAL1 promoter. The linearized plasmids were sequentially integrated into 

the budding yeast (MATa, ade2-1, trp1-1, can1-100, leu2,3,112, his3-11,15, ura3-52, 

pep4Δ::HIS3MX). For Psc3/Rec8-cohesin tetramer, the Psc3 cDNA fused to 7 histidine tag at 
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N terminus is cloned into the YIplac128 plasmid carrying the Rec8 cDNA. The Psm1/Psm3 

and the Rec8/Psc3 plasmids are linearized and integrated into the budding yeast. The budding 

yeast cells expressing Psm1-Psm3-Rec8, or Psm1-Psm3-Rec8-Psc3 were grown in a YP 

medium containing 1.5% raffinose to an OD600 = 2.0 at 30°C. Galactose was added to the 

culture at a final concentration of 2% and the cells were grown for further 4 h at 30°C. Cells 

were harvested by centrifugation and pellets were resuspended in an equal volume of CLH 

buffer (50 mM HEPES/KOH, pH 7.5, 1 mM DTT, 300 mM NaCl, 20% (v/v) glycerol, 

0.5 mM phenylmethylsulfonyl fluoride (PMSF) and protease inhibitor cocktail (Roche)), 

frozen in liquid nitrogen and broken in a freezer mill (SPEX CertiPrep 6850). The cell 

powder was thawed at 4°C, then twice the volume of the CLH buffer was added. The lysate 

was clarified at 4°C by centrifugation at 45,000g for 30 min, and then at 200,000g for 1 h. 

The clarified lysate was mixed with IgG agarose (Sigma, 1 ml resin slurry per 50 ml of lysate) 

and RNase A (10 µg/ml final) at 4°C for 3 h. The resin was washed with 15 bed volumes of R 

buffer (20 mM Tris/HCl, pH 7.5, 0.5 mM tris(2-carboxyethyl)phosphine (TCEP), 10% (v/v) 

glycerol) containing 250 mM NaCl and 0.5 mM PMSF, and then with 15 bed volumes of the 

same buffer lacking PMSF. The resin was then suspended in two bed volumes of R buffer 

containing, 10 µg/ml RNase A and 5 U/ml 3C protease and incubated 

overnight at 4°C. Two volumes of R buffer were added to the eluate to bring the salt 

concentration to 100 mM before loading onto a HiTrap Heparin HP column (1 ml, Cytiva). 

Bound proteins were eluted with steps of 100 mM, 250 mM, 600 mM and 1 M NaCl in R 

buffer. Cohesin was retrieved in the 600 mM NaCl fraction. This fraction was applied to a 

Superose 6 10/300 GL gel filtration column (GE Healthcare) that was developed in R buffer 

containing 200 mM NaCl. The peak fractions were concentrated to approximately 450 µl by 

ultrafiltration. 
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Purification of Rec11 

The Rec11 encoding cDNA fused with 1xHA epitope tag and 2x protein A tag, which are 

separate by a PreScission Protease sequence, at the C terminus was cloned into the fission 

yeast shuttle vector pREP1 under control of the nmt1 + promoter. The episomal plasmid was 

introduced into fission yeast (h-, ura4-D18, leu1-32). The cells were grown in Edinburgh 

minimal medium (EMM2) lacking thiamine at 30 ºC for 15 h to induce protein expression. 

Cell lysate preparation and purification using IgG agarose followed the same procedure for 

Rec8-cohesin purification. The eluate from the IgG resin was diluted with twice-amount of R 

buffer (100 mM NaCl final), then applied to a HiTrap Heparin HP column (1 ml, Cytiva) 

which was pre-equilibrated with R buffer containing 100 mM NaCl. The column was 

developed with a linear gradient of 100 mM to 1 M NaCl in the R buffer. The peak fractions 

(~500 mM NaCl) were pooled and loaded onto the Superdex 200 10/300 GL gel filtration 

column (Cytiva) that was developed with the R buffer containing 200 mM NaCl. The peak 

fractions were pooled and concentrated by ultrafiltration. 

 

Preparation of other proteins 

The fission yeast Rad21-cohesins (trimer and tetramer), Mis4-Ssl3 (the loader complex), 

Psc3, Pds5 and Wapl were prepared as described previously116, 118. 

 

DNA and antibody 

The circular DNA used for in vitro assays was pBluescript KSII (+). The covalently closed 

circular DNA was purified by equilibrium ultracentrifugation in a CsCl-ethidium bromide 

gradient as described elsewhere. The relaxed circular DNA (rcDNA) was prepared by 

treating the covalently closed circular DNA with E. coli topoisomerase I (New England 

BioLabs). Anti-Pk antibody was purchased from Bio-Rad. 
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In vitro cohesin loading assay 

The standard reaction volume was 15 µl final volume. Mis4-Ssl3 (100 nM), Rec8-cohesin 

trimer (100 nM) and Psc3 or Rec11 (100 nM) were mixed on ice in the CL1 buffer (25 mM 

Tris-HCl (pH 7.5), 1 mM TCEP, 50 mM NaCl, 0.5 mM MgCl2, 15% (v/v) glycerol, 0.003% 

Tween 20 and 0.5 mM ATP). Psc3 or Rec11 was omitted if Psc3/Rec8-cohesin tetramer was 

used. The reaction was initiated by addition of relaxed circular DNA (3.3 nM) and incubated 

at 25°C for 90 min. For Rad21-cohesin, the reaction was carried out at 32ºC for 30 min in the 

CL2 buffer (as CL1 but 1 mM MgCl2) with the same protein and DNA concentrations. 

Reactions were terminated by addition of 500 µl of CW1 buffer (35 mM Tris-HCl (pH 7.5), 

0.5 mM TCEP, 800 mM NaCl, 10 mM EDTA, 0.35% (w/v) Triton X-100). Anti-Pk-antibody-

coated, protein-A-conjugated magnetic beads were added and rocked at 4°C for 15 h. The 

magnetic beads were washed three times with CW1 buffer and then once with CW2 buffer 

(35 mM Tris-HCl (pH 7.5), 0.5 mM TCEP, 100 mM NaCl, 0.1% (w/v) Triton X-100). The 

beads were then suspended in 15 µl elution buffer (10 mM Tris-HCl (pH 7.5), 1 mM EDTA, 

50 mM NaCl, 0.75% SDS, 1 mg/ml proteinase K (ProK)) and incubated at 37°C for 15 min. 

The recovered DNA was analyzed by 1% agarose gel electrophoresis in 1×TAE and the gel 

was stained with SYBRGold. Gel images were captured using a LAS Imager and band 

intensities quantified using ImageQuant. Confirmation of topological DNA entrapment by 

cohesin Cohesin-bound DNA obtained in the in vitro loading reaction was retrieved by anti- 

Pk immunoprecipitation as described above. The magnetic beads were further washed twice 

with RE buffer (35 mM Tris-HCl (pH 7.5), 1 mM TCEP, 100 mM NaCl, 10 mM MgCl2, 

0.1% (w/v) Triton X-100). The beads were incubated with PstI (20 U, New England 

BioLabs) in 10 µl of RE buffer at 20 ºC for 45 min. NaCl concentration was adjusted to 500 

mM in 15 µl and further incubated on ice for 15 min. DNA in the supernatant and the beads 

fractions were analyzed as described above. 
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In vitro cohesin unloading assay 

Cohesin loading reactions were carried out as described above. Meanwhile, Pds5 (200 nM) 

and Wapl (200 nM) were incubated in 15 µl of CL buffer containing 270 mM NaCl and 0.5 

mM ATP at 32°C for 5 min. The unloading reactions were initiated in the tubes containing 

Pds5 and Wapl (15 µl) by adding the 15 µl of the cohesin loading reaction and subsequent 

incubation at 32°C for the indicated time. Note that the final concentrations were now 50 nM 

Mis4-Ssl3, 50 nM cohesin (Psc3/Rec8-cohesin or Psc3/Rad21-cohesin), 100 nM Pds5, 100 

nM Wapl and 150 mM NaCl. The reactions were terminated and cohesin-bound DNA was 

analyzed as described above. 
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Supplementary Materials 

Chapter 1 
 

 

Supplementary Figure 1. Tagging of an endogenous POI using CRISPR–Cas9-based 
genome editing at the C- and N-terminus. (A) CRISPR–Cas9 generates a double-strand 
break (DSB) near the stop site for insertion of a donor harboring a tag and a marker. The 
fusion protein and the marker are expressed independently. (B) CRISPR–Cas9 generates a 
DSB near the first ATG site for insertion of a donor harboring a marker-P2A-tag cassette. 
The fusion protein is processed at P2A to express the marker and the tag-fused POI 
separately.   
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Supplementary Figure 2. Outline of donor plasmid construction for C-terminal and N-
terminal tagging. (A) A DNA fragment containing the stop site (about 1 kb) is cloned into a 
cloning plasmid (such as pBluescript II). Using inverse PCR, a restriction enzyme site (such 
as BamHI) is created, and a DNA fragment containing a tag and a marker is inserted into the 
plasmid, to generate a donor vector. (B) A DNA fragment containing the first ATG site 
(about 1 kb) is cloned into a cloning plasmid (such as pBluescript II). Using inverse PCR, a 
restriction enzyme site (such as SalI and BamHI) is created, and a DNA fragment containing 
marker-P2A-tag is inserted into the plasmid, to generate a donor vector.  
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Supplementary Figure 3. Confirmation of isolated clones. (A) PCR-genotype check of the 
C-terminally tagged alleles. The primer set (a) amplifies a shorter PCR product (1–1.5 kb) 
from the wild-type (WT) allele, while it amplifies a longer product (1–1.5 kb plus the size of 
the insertion) from the tagged allele. The primer set (b) generates a PCR product from the 
tagged allele exclusively (and not from the WT allele). The primer set (a) must be designed 
outside of the homology arms. (B) PCR-genotype check of the N-terminally tagged alleles. 
The PCR strategy is analogous to that used to analyze C-terminal tagging. (C) PCR 
genotyping of the CENPC allele, in which a Hygro–P2A–mAID–mClover cassette was 
inserted at the N-terminal coding region. HCT116 CMV-OsTIR1 parental cells were used. 
(D) Confirmation of the fusion protein by immunoblotting. WT or mAID–CENPC clones in 
the HCT116 CMV-OsTIR1 background were treated with DMSO or 500 µM IAA for 24 h. 
Anti-CENPC, anti-mAID and anti-tubulin antibodies (MBL, PD030, M214-3 and M175-3, 
respectively) were used for detection. 
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Supplementary Figure 4. Schematic illustration of all-in-one bicistronic plasmids for 
controlling a mAID-fused protein. The plasmids include pAID5.1-N, pAID5.1-C, pAID5.2-
N, pAID5.2-C, pAID5.3-N, pAID5.3-C, pAID5.4-N, pAID5.4-C. A multiple cloning site 
(MCS) for transgene cDNA cloning is shown in blue. Tol2 are inverted terminal repeats 
(ITRs) for the TOL2 transposase recognition. 
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Supplementary Figure 5. The structures of ‘bump’ moiety IAA analog inducer 
candidates. The "bumped" IAA analogs are as follows: 5-(3-methoxyphenyl)-indole-3-acetic 
acid (5-(3-MeOPh)-IAA, 1), 5-phenyl-indole-3-acetic acid (5-Ph-IAA, 2) 5-(3,4-
dimethylphenyl)-indole-3-acetic acid (5-(3,4-diMePh)-IAA, 3), 5-(3-methylphenyl)-indole-3-
acetic acid (5-(3-MePh)-IAA, 4), 5-(3-chlorophenyl)-indole-3-acetic acid (5-(3-ClPh)-IAA, 
5).  
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Supplementary Figure 6. Screening to identify an effective bumped-IAA analog. 
Indicated ligands were added to cells expressing a mAID–EGFP–NLS reporter with 
OsTIR1(WT or F74G) for 4 h. The median values at 1 nM are also indicated (arbitrary units). 
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Supplementary Figure 7. Outline of the purification. (A) The schematic of the procedure 
starts from the culturing cells that express the protein (step 1) up to the nuclease test (step 10) 
to check the presence of nucleases in the final sample before proceeding to in vitro assays. 
(B) Coomassie brilliant blue (CBB)-stained SDS-PAGE of selected fractions collected during 
the affinity (heparin) and gel filtration (superose) chromatography of the Psm1-Psm3-Psc3-
Rec8 meiotic cohesin tetramer. (C) Coomassie brilliant blue (CBB)-stained SDS-PAGE of 
selected fractions collected during the affinity (heparin) and gel filtration (superose) 
chromatography of the Psm1-Psm3-Rec8 meiotic cohesin trimer. The subunits are indicated 
with arrows according to the molecular weight.  
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Supplementary Figure 8. SDS-PAGE of selected fractions collected during the gel 
filtration (superdex) chromatography of the Rec11 meiotic cohesin subunit. The band 
corresponding to Rec11 is indicated with an arrow according to the molecular weight. SDS-
PAGE was stained with Coomassie brilliant blue (CBB). 
  



72 

 

Supplementary Figure 9. Optimization of the cohesin loading assay conditions. (A) 
Titration to identify the optimum salt concentration for the meiotic Rec8-Psc3 cohesin 
loading assay. (B) Comparison of the optimal conditions for the meiotic Rec8-Psc3 and 
mitotic Rad21-Psc3 cohesin. 
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Supplementary Figure 10. SDS-PAGE of selected fractions collected during the affinity 
(heparin) chromatography of the Hhp2-GST meiosis-specific kinase. The band 
corresponding to Hhp2-GST is indicated with an arrow according to the molecular weight. 
SDS-PAGE was stained with Coomassie brilliant blue (CBB). 
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